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Humans have drastically altered the world’s carbon (C) cycle through the consumption of 
fossil fuels and changes in land use. Since the start of the industrial revolution, 
anthropogenic emissions have more than doubled the concentration of CO2 in the 
atmosphere, which has destabilized the earth’s climate system. Importantly, the earth’s 
ecosystems have acted as a C sink during this time, removing approximately half of 
human emissions from the atmosphere on an annual basis (Le Quéré et al., 2016). Soils 
are a particularly important to C storage terrestrial systems, and globally contain more C 
than vegetation and the atmosphere combined. Thus, relatively small changes to the rate 
of C exchange between soils and the atmosphere have the potential to substantially 
impact the earth’s climate. Despite its clear importance, estimates of soil C storage, as 
well as the rate of C inputs and losses to this pool remain highly uncertain in the global C 
budget.   
 
Carbon dioxide (CO2) release due to decomposition is the dominant form by which C is 
lost from soils, though some losses also occur due to leaching of dissolved and particulate 
C in soil solution (Fahey et al., 2005; Kindler et al., 2011). Plant litter is the dominant 
input of new carbon to soils, where it is subsequently decomposed by fungi, bacteria, and 
soil animals. These initial litter grazers form the second tier of an incredibly complex 
food web (Wardle, 2002). With every trophic interaction in this food web, some organic 
matter is converted into new biomolecules (i.e. retained in the soil), and some is lost from 
the system as CO2.  Predicting rates of soil C sequestration will require a deeper 
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understanding of the functional ecology of how these soil communities transform and 
decompose organic matter (Anthony et al., 2020a; Crowther et al., 2019; Romero-
Olivares et al., 2021). This is a daunting task due to the methodological challenges 
associated with studying microbial communities in the field (Philippot et al., 2012), as 
well as the ever-present uncertainties associated with studying soil processes in general 
(Yanai et al., 2017). Currently, much more is known about the factors affecting plant 
litter decomposition than the decomposition of tissues produced by other soil organisms. 
 
The vast majority of studies of plant litter decomposition studies have focused on leaves, 
with thousands of papers published on the topic in last 40 years (Prescott, 2010). 
Decomposition of leaf litter occurs primarily due to consumption by soil heterotrophs, 
though abiotic processes (e.g. photodegradation, freeze-thaw cycles) play an important 
role in some systems. Temperature and moisture are important regulators of decomposer 
activities. The ectothermic organisms which feed on litter are more active at higher 
temperatures. Fungi and bacteria rely on extracellular digestion, and the efficiency of the 
enzymes they produce are temperature dependent (Fierer et al., 2005).  Similarly, these 
organisms require water to function, and decomposer activity is often moisture limited 
(Manzoni et al., 2012). Thus, climatic controls over litter decomposition are common at 
both local and global scales, due to temperature and moisture effects on decomposer 
physiology (Bradford et al., 2016; Y. Chen et al., 2018; Djukic et al., 2018; Keiser & 




In addition to climatic factors, the chemical composition of plant litter has strong effects 
on decomposer communities, and ultimately the rate of litter decomposition. In general, 
litters that are richer in mineral nutrients (e.g. N, P, Ca) decompose faster than those of 
lower nutritional quality (Cornwell et al., 2008; X. Zhang & Wang, 2015). In contrast, 
litter decomposition rate tends to decrease with increasing C complexity of the substrate 
(i.e. increasing lignin, cellulose; Cornwell et al., 2008), presumably due to the increased 
costs associated with enzymatic degradation. Complex aromatic structures such as lignins 
must be degraded oxidatively, and litter manganese (Mn) has also been found to limit 
decomposition because it is required for fungal production of Mn peroxidase enzymes 
(Whalen et al., 2018).  
 
Emerging evidence suggests that the chemical traits affecting leaf litter decomposition 
are predictable based on carbon and nutrient economies (i.e. resource acquisition 
strategies) of individual plant species. For instance, carbon and nutrient-acquisitive plants 
have higher leaf N contents (Wright et al., 2004),  which results in higher litter N 
concentrations, and faster decomposition (Cornwell et al., 2008). These afterlife effects 
of plant traits on litter decay are likely present in other litter types besides leaves 
(Freschet et al., 2010; Reich, 2014), but species-level datasets of root decomposition have 
only recently become large enough to make these comparisons. Furthermore, mycorrhizal 
symbioses with fungi are an integral part of the nutrient economy of plants (Averill et al., 




While understanding of belowground plant litter decomposition lags far behind that of 
leaf litter, even less is known about how other (non-plant) belowground litters 
decompose. Fungal litter (necromass) constitutes a significant quantity of total soil C 
across systems (Angst et al., 2021), and recent research has shown clear parallels between 
the chemical drivers of decomposition in plant and fungal substrates. Like plant tissues, 
fungal necromass tends to decompose faster when it contains higher concentrations of N 
(Fernandez et al., 2016a). Additionally, fungal melanins appear to play a similar role to 
plant lignins in terms of inhibiting decomposition rates (Fernandez & Koide, 2014a). This 
is intriguing, because melanin is costly to produce, and melanization is inversely related 
to fungal growth rate (Siletti et al., 2017), suggesting that slow growing species may also 
be slow decomposers.  
 
As knowledge of litter decomposition has continued to grow, so has the concept of soil 
organic matter. Traditionally, soil C was thought to consist primarily of complex plant-
derived molecules that are resistant to decomposition. More recently however, evidence 
suggests that much of the soil C with long residence times exists as relatively simple 
organic molecules that become physically or chemically protected from decomposition 
via association with soil minerals (Schmidt et al., 2011). Importantly, many of these 
simple organic molecules are derived from microbes, not plant tissues (Grandy & Neff, 
2008; Kleber et al., 2015). This leads to the counterintuitive hypothesis that more labile 
(fast-decomposing) plant litters can lead to a faster accumulation of  stable soil carbon, if 
it leads to greater microbial C use efficiency (Cotrufo et al., 2013a). This growing 
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recognition of microbes as an input of stable soil C highlights the importance of 
quantifying the rate and spatial extent of microbial exploration in soils, as well as a need 
to better understand how microbial community function influences the residence time of 
soil organic matter. 
 
In this dissertation, I focus on understanding of the drivers of belowground litter 
decomposition and its implications for soil C sequestration. My first chapter focusses on 
how climatic factors, substrate chemistry, and species traits affect rates of fine root 
decomposition across the globe (See, McCormack, et al., 2019). My second chapter 
focuses on how variations in substate chemistry across taxa affect the decomposition of 
fungal necromass, a less commonly studied form of belowground litter (See et al., 2020). 
Finally, my third chapter reviews literature exploring the extent of fungal hyphal 
exploration in soil, and its resulting implications for microbial necromass deposition and 






































Fine-root decomposition constitutes a critical yet poorly understood flux of carbon and 
nutrients in terrestrial ecosystems. Here we present the first large-scale synthesis of 
species trait effects on the early stages of fine-root decomposition at both global and 
local scales. Based on decomposition rates for 279 plant species across 105 studies 
and 176 sites we found that mycorrhizal association and woodiness are the best 
categorical traits for predicting rates of fine-root decomposition. Consistent positive 
effects of nitrogen and phosphorus concentrations, and negative effects of lignin 
concentration emerged on decomposition rates within sites. Similar relationships were 
present across sites, along with positive effects of temperature and moisture. Calcium 
was not consistently related to decomposition rate at either scale. While the chemical 
drivers of fine- root decomposition parallel those of leaf decomposition, our results 
indicate that the best plant functional groups for predicting fine-root decomposition 
















Plant litter decomposition in terrestrial systems constitutes one of the largest annual 
fluxes in global carbon (C) and nutrient cycling, but the role of fine-root (diameter ≤ 2 
mm) traits is poorly understood relative to aboveground litter (Bardgett et al. 2014). Fine-
root turnover accounts for approximately 14-27% of net primary production (NPP) 
globally (McCormack et al. 2015a) and is estimated to contribute 33% of the annual litter 
inputs in forests and 48% of the inputs in grasslands (Freschet et al. 2013). Recent 
evidence also suggests that the plant and microbial byproducts of root decomposition 
contribute disproportionately to soil C stores relative to 
aboveground litter (e.g. Rasse et al. 2005; Clemmensen et al. 2013; Austin et al. 
2017). Faster 
fine-root decomposition rates reflect more labile litter inputs, which in turn are thought to 
control 
microbial inputs to stabilized soil organic matter (Cotrufo et al. 2013). Since fine-roots 
represent a substantial nutrient pool in soils, their decomposition also represents an 
important release of nutrients to the rhizosphere, with implications for soil nutrient 
availability. Thus, a comprehensive understanding of the rates and drivers of fine-
root decomposition is crucial to reducing uncertainty in ecosystem carbon and nutrient 
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budgets ranging from landscape to global scales (Fahey et al. 2005; Le Quéré et al. 
2016). 
 
Fine-roots are functionally similar to leaves in that they are the local site of resource 
exchange between plants and their environment, exhibit diverse morphologies (Ma et al. 
2018) and chemical composition (Iversen et al. 2017), and are ephemeral in comparison 
to structural tissues (Eissenstat & Yanai 1997; McCormack et al. 2012). Globally, plant 
tissue decomposition rates are positively correlated with mean annual temperature 
(MAT) and precipitation (MAP) (Parton et al. 2007; Zhang et al. 2008), but there 
remains considerable unexplained variation both globally and locally (Prescott 2010; 
Bradford et al. 2016). At local scales, substrate chemistry is a dominant factor 
controlling leaf litter decomposition (Djukic et al. 2018), with the early stages of 
decomposition being positively correlated with nutritional quality, and negatively 
correlated with substrate complexity (Melillo et al. 1982; Hobbie 2015). Tradeoffs 
involving the speed of return on investment largely dictate plant species’ leaf chemistry 
(Wright et al. 2004), which in turn controls leaf litter decomposition worldwide 
(Cornwell et al. 2008). A similar global relationship may exist between plant species’ 
traits and fine-root decomposition, since fine-root chemistry correlates with the water and 
nutrient economies of plants (Reich 2014). However, only one study thus far has 
addressed the effects of plant species’ acquisition strategy on fine-root decomposition 





Fine-root decomposition might be expected to vary at the species level based on traits 
relating to aspects of the plant economics spectrum such as growth form (e.g. woody vs. 
herbaceous, broadleaf vs. conifer), nutrient acquisition strategy (i.e. mycorrhizal 
association), leaf lifespan of woody plants (i.e. deciduous vs. evergreen), or plant life 
cycle of herbaceous plants (i.e. annual vs. perennial). Although some plant traits 
are correlated across organs (Freschet et al. 2010), which could be advantageous at the 
whole-plant scale (Reich 2014), fundamental differences exist between above- and 
belowground organs. Different environmental stressors, different resources acquired, and 
the presence of mycorrhizal symbionts complicate the application of a one-dimensional 
plant economics spectrum to fine-roots (Weemstra et al. 2016). Thus, the best way to 
functionally categorize species to predict rates of litter decomposition may differ 
between fine-roots and leaves. For example, while fine-root decomposition likely varies 
with root lifespan, aboveground traits controlling leaf decomposition (e.g. deciduousness) 
may be less important to fine-roots. Conversely, leaf decomposition rates in woody 
plants do not differ from non-woody plants (Cornwell et al. 2008), but higher lignin 
content in the fine- roots of woody plants likely results in slower decomposition 
(Zhang et al. 2008). Furthermore, the presence of an ectomycorrhizal (EcM) fungal 
mantle can slow the decomposition of some woody roots (Langley et al. 2006; but see 
Koide et al. 2011), whereas effects of ericoid (ErM) or arbuscular (AM) mycorrhizal 
colonization on fine-root decomposition have not yet been explored. Thus, it remains 





An earlier global analysis of species-specific fine-root decomposition rates indicates 
that fine-roots of conifers decompose more slowly than those of broadleaved plants, 
which in turn decompose more slowly than those of graminoids (Silver and Miya 
2001). Underlying these results were relationships between decomposition rate and root 
nutrient concentration, most notably a strong positive effect of calcium (Ca) and a 
negative effect of t h e  C:nitrogen (N) ratio. Although these results helped to identify a 
set of potential drivers of fine-root decomposition at the global scale, they were based 
on a relatively small number of studies. The number of published studies on fine-root 
decomposition has increased more than three-fold over the last two decades, and the 
number of individual species and observations has increased by an order of magnitude. 
Despite recent attempts to synthesize this growing literature in terms of climate and 
litter-quality effects on decomposition (Zhang & Wang 2015), no study since Silver and 
Miya (2001) has examined differences among plant growth forms. Furthermore, previous 
syntheses have not looked for consistent within-site patterns, nor how fine-root 
decomposition is influenced by other plant traits affecting nutrient cycling in ecosystems 
(e.g. mycorrhizal association, leaf lifespan of woody plants, plant life cycle of herbaceous 
species). 
 
To address these knowledge gaps, we compiled a dataset of decomposition rates (k-
values from single exponential decay models) for fine-roots of 279 species across 105 
studies, with the goal of co-analyzing global- and local-scale drivers of fine-root 
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decomposition. Our specific objectives were: 1) to elucidate effects of litter chemistry, 
specifically concentrations of phosphorus (P), N, Ca, and lignin on decomposition rates 
both within and across sites; and 2) to compare fine-root decomposition rates across 
plant growth forms (woody broadleaf, woody conifer, herbaceous graminoid, and 
herbaceous forb, as well as a broader comparison of all woody vs. all herbaceous plants); 
types of mycorrhizal association (arbuscular mycorrhizal, ectomycorrhizal, and ericoid 
mycorrhizal); leaf lifespan of woody species (deciduous vs evergreen); and plant life 
cycle of herbaceous species (annual vs perennial). We hypothesized that fine-root 
chemistry would be a strong predictor of decomposition rate both within and among sites, 
and that the best categorical predictors would be nutrient acquisition strategy (i.e. 
mycorrhizal association) and woodiness. Additionally, we sought to update previously 
identified decomposition-climate relationships based on a significantly expanded dataset. 
 
Methods 
Data collection and compilation 
We conducted a literature search in December 2017 for all papers containing fine-root 
decomposition values by species.  For each species in each study, we retrieved simple 
exponential decay rate constants (k-values) based on the model M = e-kt, where M is 
equal t o  the proportion of dry mass remaining at time t (in years), and k is the 
exponential rate of decomposition (Olson 1963). When papers did not report k-values, or 
reported them based on a different model, we re-calculated the exponential rate constant 
using non-linear regression (Adair et al. 2010), based on the data reported in the paper. 
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Although models including additional terms often better describe the later stages of 
decomposition (Adair et al. 2008), our approach allowed us to most effectively leverage 
existing data, as the vast majority of studies fit a single exponential decay model (Adair 
et al. 2010). The reported diameter cutoffs for fine-roots ranged from 0.5-3 mm, with 
85% of the observations between 1-2 mm. Studies ranged in duration from 0.3-10 years, 
with the exception of one 20-day study (representing 4 data points). 
 
In addition to k-values, we collected available information on species identity, root 
chemistry and climate as predictor variables. When litter chemistry was reported for 
multiple time points, we only used initial root concentrations of C, N, P, Ca, and 
lignin. We used MAT and MAP values for sites as reported, and, if unavailable, we used 
Worldclim projections based on reported latitude and longitude (Fick & Hijmans 2017). 
We also assembled a moisture index (MI) for each location, calculated as the ratio of 
MAP to potential evapotranspiration. Since most studies do not report potential 
evapotranspiration, we matched the latitude and longitude coordinates in our dataset to an 
existing global climate dataset (Butler et al. 2017). All woody plant species were 
assigned a mycorrhizal association (AM, EcM, ErM), either according to the original 
description by the authors or, if not given, based on species characteristics according to 
Maherali et al. (2016). Further description of our publication selection criteria and data 





Addressing our objectives required different statistical models applied to different subsets 
of the data. For example, we included greenhouse-based studies when comparing the 
effects of plant traits on local decomposition, but excluded these when assessing global-
scale relationships with climate. A table summarizing which studies were included in the 
different analyses is given in the supplementary material (Appendix S1.2). 
 
To assess the global (i.e. across-site) effects of climate on fine-root decomposition we fit 
multiple mixed-effects linear models, with natural logarithm (ln) transformed k-values as 
the response variable, and a random intercept fit to each study. The fixed effects included 
study duration, along with all combinations of MAT, MAP, MI, and their interactions 
(Appendix S1.3). We compared all possible models based on the corrected Akaike 
Information Criterion (AICc) to select the most parsimonious model. A full comparison 
of candidate models is reported in the supplementary material (Appendix 3). 
 
For global comparisons of the effects of tissue chemistry on fine-root decomposition, 
we controlled for climatic differences using mixed-effects linear models, with study 
duration, MAT, MAP and the chemical predictor of interest (N, P, Ca or lignin, fit 
separately for each) as fixed effects, a random intercept for study, and the ln-
transformed k-value as dependent variable. Predictor variables were ln-transformed when 
needed to better conform to variance assumptions. To assess the effects of initial 
chemistry on fine-root decomposition at local scales, we calculated standardized slopes 
for the relationship between each chemical constituent and k-value for all studies 
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containing at least 5 observations (i.e. 5 k-values with associated initial chemistry 
values). We then calculated the mean standardized slope across all studies for each 
variable. 
 
To examine the effects of different plant functional groups on fine-root decomposition, 
we  used a set of mixed-effects linear models following the general form: ln(k) = 
group + ln(duration) + (1|study), where ln(k) is the natural log of the k-value, 
ln(duration) is the natural log of study length, group is the functional group of interest, 
and (1|study) represents a random effect for the study-level mean of ln(k). We used ln-
response ratios to compare the effect sizes between the various functional groups 
mentioned above, and constructed bootstrap confidence intervals for each ratio. To assess 
the robustness of our findings, we ran these analyses on both the complete and a 
conservative dataset. The complete dataset contained all available observations (n = 
703). The conservative dataset (n = 356) included data averaged over all species-level 
observations by site to avoid potential pseudoreplication. It also had more stringent 
requirements for including studies (e.g. rejecting methods other than the buried bag 
approach, rejecting studies that categorize roots by order rather than diameter, and 
restricting the location of litterbag deployment to the top 0-20 cm mineral soil).  Full 
criteria for inclusion in the conservative dataset and a comparison of sample sizes by 
category can be found in the supplementary material (Appendix S1.1). To further test 
the robustness of our findings, we analyzed both datasets using equivalent models that 
also included a random coefficient (analogous to a random slope, but for categorical data) 
which assumes that the size of each group effect (i.e. response ratio) is randomly 
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distributed among studies. All of the mixed-effects linear models were conducted using 
the ‘lme4’ package in R (Bates et al. 2015). 
 
Results 
Globally, fine-root decomposition increased with MAT, MAP, and MI (Figure 1.1, 
Appendix S1.3). The most parsimonious model (lowest AICc) for climatic factors 
included only MAT and MAP as main effects with no interactions, along with study 
duration as a covariate (Appendix S1.3).  Our regression analyses of litter chemistry 
showed that, after accounting for MAT, MAP and study duration, initial stoichiometry 
explains a small but significant portion of the variation in global decomposition rates. 
Decomposition increased globally with initial N concentration (partial R2 = 0.03, p = 
0.02, Figure 1.2a) and decreased with initial lignin concentration (partial R2 = 0.11, p 
< 0.001, Figure 1 . 2b). While modest, the effects of N and lignin on fine-root 
decomposition appeared to be independent, as the two predictors were poorly 
correlated (r = -0.05; Appendix S1.4). In contrast, there was no significant global 
relationship between decomposition rate and fine-root Ca (Figure 1,2c) and only a 
marginally significant positive relationship with initial P concentration (p = 0.054, Figure 
1.2d), which was correlated with N concentrations in this dataset (r = 0.58, Appendix 
S1.4), making it difficult to partition the independent effects of N and P. 
 
Within sites, tissue chemistry effects showed similar trends to the global-scale 
analysis, with fine-root decomposition rates positively related to root N concentrations, 
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negatively related to lignin concentration, and unrelated to Ca concentration (Figure 
1.2e). Root P concentrations were, on average, positively associated with fine-root 
decomposition rate within sites. While fewer studies included root P than N 
concentration data, the average within-site effect size on fine-root decomposition rates 
was 39% stronger for P than N concentration (Figure 1 . 2e). Similar effects on fine-
root decomposition rates were evident for ratios of C:N, C:P,  and lignin:N, but not for 
lignin:P, though few studies reported both P and lignin (Appendix S1.5). 
 
Fine-root decomposition rates differed both among mycorrhizal associations and plant 
growth forms based on comparisons of 95% bootstrap confidence intervals of the 
random intercept model (Figure 1 .3). Among growth forms, fine-roots of woody plants 
decomposed more slowly than fine-roots of non-woody plants, and within woody plants, 
fine-roots of conifers decomposed more slowly than those of broadleaved plants. Within 
herbaceous species, fine-roots of forbs decomposed faster than those of graminoids. 
Within woody plants, fine-roots of both ErM and EcM plants decomposed more slowly 
than those of AM plants. This finding is unaffected by how species associating with both 
EcM and AM (e.g. Eucalyptus and Populus) were categorized. While ErM fine-roots 
decomposed slower than EcM fine-roots on average, these two groups did not differ 
significantly from one another (possibly due to low representation of ErM roots in the 
dataset, n = 31). The growth form and mycorrhizal type results were robust to our 
choice of the dataset (i.e. complete vs. conservative). In contrast, fine-roots of 
perennial plants decomposed slower than those of annuals among herbaceous species, 
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and roots of evergreen trees decomposed slower than those of deciduous trees based on 
the complete dataset (Figure 1.3), but these differences were not significant at 95% 
for the conservative dataset when using the same models (Appendix S1.6). Finally, 
under our most conservative scenario (i.e. a random coefficient model run on the 
conservative dataset), the only significant differences remaining were those between 




There is growing consensus on the need to better understand variation in root 
decomposition to improve terrestrial biosphere models (Smithwick et al. 2014; 
Warren et al. 2015). Our results demonstrate that species-level traits relate to fine-root 
decomposition, both within and across ecosystems, and that aggregating species into 
functional groups provides a means to capture broad patterns of fine-root decomposition. 
Importantly, the best explanatory variables of fine-root decomposition (i.e. woodiness 
and mycorrhizal association) did not mirror those previously identified for leaf 
decomposition (e.g. deciduousness; Cornwell et al. 2008), even though the litter 
chemistry drivers (N, P, lignin) appear to be similar. Though previous studies have found 
effects of initial litter chemistry on decomposition at the global scale (Zhang et al. 2008), 
global relationships do not necessarily reflect locally important drivers of 
decomposition (Bradford et al. 2017). In the case of fine-roots, however, the chemical 
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traits identified to account for differences in decomposition rates across sites were good 
local predictors as well. 
 
Previous syntheses that have pooled fine-root decomposition data across sites (Silver and 
Miya 2001; Zhang and Wang 2015) found no significant relationships with N or P, 
and mixed relationships with lignin concentration. While neither of these variables 
explained more than 11% of variation in decomposition rates, in our study we found fine-
root decomposition to be negatively related to lignin and positively related to N and P 
concentrations across sites. We suspect these discrepancies between past and current 
syntheses are due to our larger dataset, and analyses accounting for differences in climate 
and study in the global analyses. More compelling are the consistent within-site 
relationships we observed between these chemical constituents and fine-root 
decomposition, which mirror the results of a similar global synthesis of within-site 
drivers of leaf decomposition (Cornwell et al. 2008). 
 
A surprising result was the lack of any consistent effect of Ca on decomposition rate at 
either local or global scales, as Ca has long been considered an important driver of 
fine-root decomposition (Silver & Miya 2001; Zhang & Wang 2015; Beidler & 
Pritchard 2017). Our dataset, which includes a broader range of root Ca 
concentrations than previous syntheses, suggests that the positive relationship between 
Ca and fine-root decomposition observed by Silver & Miya (2001) may have been 
disproportionately influenced by low root Ca values. It may be that in base poor soils, 
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Ca is a limiting nutrient to decomposer communities (Berg et al. 2000), but litter Ca 
content likely depends on soil Ca availability (Lovett et al. 2016), which in turn may 
be confounded with pH effects on decomposition, at least in cross-site comparisons. 
Regardless of the underlying mechanisms, our results suggest the effect of Ca on fine-
root decomposition is ecosystem dependent. Unlike the other chemical variables in our 
analyses, the effect of P on fine-root decomposition varied somewhat between scales.  
Despite consistent positive effects within sites, the effect of P on fine-root decomposition 
was weak at the global scale. This likely reflects site-specific differences in the N:P 
stoichiometry  of microbial nutrient demand and availability (Cleveland & Liptzin 2007).   
We caution, however, that our inferences regarding both P and Ca effects are based on 
rather limited sample sizes, suggesting that more site-level studies are needed to clarify 
the role of these elements in fine-root decomposition. 
 
Our analyses show that categorizing plant species by growth form or mycorrhizal 
association can be useful to improve our understanding of fine-root decomposition. 
Specifically, woody species produce fine-roots that decompose slower on average than 
non-woody species, likely due to their greater lignin content (Appendix S 1 . 7). 
However, other systematic differences i n  morphology such as lower root tissue 
densities (Freschet et al. 2017) or smaller average diameters (Valverde-Barrantes et al. 
2017) of herbaceous plants may also contribute to their faster decomposition. Within 
woody species, mycorrhizal association was a stronger predictor of fine-root 
decomposition rate than growth form (i.e. broadleaved vs. conifer), and this result 
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was robust across multiple models. This finding is important particularly in the 
context of terrestrial biosphere models, which currently categorize forests by growth 
form rather than mycorrhizal association (Brzostek et al.  2017). Additionally, the finding 
that fine-roots of woody EcM and ErM species decomposed slower than those of AM 
species adds to the growing list of biogeochemical differences observed between 
these two forest types (Phillips et al. 2013; Craig et al. 2018; Zhang et al. 2018; Zhu  et 
al. 2018). Notably, however, 60% of broadleaf EcM species observations were within the 
order Fagales, and 90% of the conifers in our dataset were EcM. Thus, the effect of 
mycorrhizal association on fine-root decomposition rates is confounded with broader 
order-based plant traits common to Fagales and Pinales. Our dataset is biased towards 
temperate regions (Appendix S1.1), where these orders are most common. A recent 
meta-analysis of leaf litter showed that in temperate zones leaves of EcM plants 
decompose slower than leaves of AM plants, but this difference was not found in tropical 
or subtropical ecosystems (Keller & Phillips 2018); however, that dataset was subject to 
similar phylogenetic biases as the data we present here. Further research is needed to 
disentangle the confounding effects of plant phylogeny, climate, and mycorrhizal type 
on fine-root decomposition. 
 
The chemical drivers of fine-root decomposition (i.e. N, P, lignin) observed in our study 
parallel the findings of previous work relating leaf economic strategy to afterlife effects  
on  leaf decomposition (Cornwell et al. 2008). However, the plant functional groups 
which best predict fine-root decomposition in our study are not the same as the groups 
that predict leaves. For instance, woodiness (i.e. woody vs herbaceous plants) does not 
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consistently predict leaf decomposition rate (Cornwell et al. 2008), but is a strong 
predictor of fine-root decomposition in our dataset. Similarly, while deciduousness is 
a strong predictor of leaf decomposition (Cornwell et al. 2008), it does not consistently 
predict root decomposition in our dataset, which is perhaps not surprising since 
deciduousness is an inherent leaf trait that does not correlate with fine-root longevity 
(Withington et al. 2006; McCormack et al. 2015b). It is important to note that 
aboveground and belowground acquisition strategies are not completely unrelated, as 
rapid C acquisition strategies aboveground often necessitate faster acquisition of 
belowground resources (Reich 2014). Leaf and root litter decomposition are indeed often 
correlated within sites (Birouste et al. 2012; Freschet et al. 2013), though this is not 
always the case (e.g. Hobbie et al. 2010; Ma et al. 2016, Sun et al. 2018), and 
additional factors need to be taken into account to understand variation between fine-
root and leaf decomposition across scales. 
 
Our analysis represents considerable progress towards synthesizing effects on fine-root 
decomposition of fine-root litter traits analyzed at the species and functional-group level, 
but current data limitations leave important questions to be addressed. For example, 
functional differences between absorptive and transport fine-roots cause them to differ in 
nutrient concentration, structural development, and other traits (McCormack et al. 2015a; 
Beidler & Pritchard 2017). The most distal, first-order roots often decompose more 
slowly than higher order fine- roots (Goebel et al. 2011; Sun et al. 2013), which is 
likely an effect of differences in chemical composition (e.g. concentrations of condensed 
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tannins or non-structural carbohydrates; Sun et al. 2018). First-order roots represent only 
a small proportion of the total fine-root biomass in the studies we have synthesized here, 
but given their short lifespans, they may be disproportionately important to ecosystem C 
and nutrient cycling (Guo et al. 2008). In addition to combining higher and lower root 
orders, most decomposition studies are based on roots harvested live, which have not 
been subjected to nutrient resorption and other developmental changes during 
senescence. Any differences between live-harvested and naturally-senesced roots (e.g. 
nutrient chemistry, microbial colonization) which affect decomposition rates therefore 
represent a consistent and unaddressed bias in the literature. Moreover, there remains a 
dearth of long-term studies (>3 years) of root decomposition (Appendix Figure S2), 
which are needed to characterize the residence times of more recalcitrant fractions in 
root tissues. For instance, a 6-year study of root-tip decomposition showed that among 
35 tree species, EcM species decomposed more slowly than AM species at first, but 
this pattern reversed after two years of decomposition (Sun et al. 2018). Furthermore, 
the effects of fine-root N concentrations on decomposition can change from positive in 
the early stages to negative in later stages of decomposition (Berg 2014). These 
findings highlight the need for long-term decomposition studies by root order to 
accurately describe the influence of traits and mycorrhizal type on fine-root 
decomposition. 
 
Finally, there is also a need to standardize methods in future studies. Here we were 
able to account for broad variation in annual climate in our analysis, but in regions 
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experiencing strong seasonality, initial decomposition rates will be influenced by the 
season in which the incubations were started. This issue could be partially remedied by 
reporting mass loss estimates based on degree days as well as calendar days in future 
studies (Aulen et al. 2012). Fine-root decomposition rates also vary with the depth at 
which litterbags are deployed in the soil (Mello et al. 2007; Sariyildiz 2015), though we 
suspect this source of variation is low relative to the other factors influencing 
decomposition (Hicks Pries  et al. 2013; Solly et al. 2015). Because fine-root distribution 
within the soil varies among ecosystems, it would be good practice to deploy litterbags in 




Figure 1.1: Relationship between mean annual temperature (MAT, degrees C), 
precipitation (MAP, mm), and fine-root decomposition rate (ln(k)) based on published 









Figure 1.2: Effects of initial fine-root chemistry on fine-root decomposition rates 
across (a-d) and within sites (e). For the across-site comparisons, the partial effect 
plots show the relationship between fine-root chemistry and decomposition after 
accounting for climate (MAT and MAP) and study duration. Solid lines denote 
significance at p < 0.05, the dashed line denotes significance at p < 0.1. For the 
within-site comparisons, values represent the mean standardized coefficient among 






Figure 1 . 3: Natural logarithm of response ratios comparing fine-root decomposition 
across various plant functional groups based on growth form, mycorrhizal type, leaf 
lifespan of woody plants, and plant life cycle of herbaceous species. The red line and 
labels represent the reference to which other groups were compared. The dotted vertical 
line delineates two separate analyses within growth form. Error bars depict 95% 
bootstrap confidence intervals. Results shown are based on the complete dataset 























Fungi represent a rapidly cycling pool of carbon (C) and nitrogen (N) in soils. 
Understanding of how this pool impacts soil nutrient availability and organic matter fluxes 
is hindered by uncertainty regarding the dynamics and drivers of fungal necromass 
decomposition. Here we assessed the generality of common models for predicting mass 
loss during fungal necromass decomposition and linked the resulting parameters to 
necromass substrate chemistry. We decomposed 28 different types of fungal necromass 
in laboratory microcosms over a 90-day period, measuring mass loss on all types, and N 
release on a subset of types. We characterised the initial chemistry of each necromass 
type using: 1) fiber analysis methods commonly used for plant tissues, 2) initial melanin 
and nitrogen (N) concentrations, and 3) Fourier transform infrared (FTIR) spectroscopy to 
assess the presence of bonds associated with common biomolecules. We found universal 
support for an asymptotic model of decomposition, which assumes that fungal necromass 
consists of an exponentially decomposing “fast” pool, and a “slow” pool that decomposes 
at a rate approaching zero. The strongest predictor of the fast pool decay rate (k) was the 
proportion of cell soluble components, though initial N concentration also predicted k, 
albeit more weakly. The size of the slow pool was best predicted by the acid non-
hydrolysable fraction, which was positively correlated with melanin-associated aromatics. 
Nitrogen dynamics varied by necromass type, ranging from net N release to net 
immobilisation. The maximum quantity of N immobilised was inversely related to cell 
soluble contents and k, as positively related to FTIR spectra associated with cell wall 
polysaccharides. Collectively, our results indicate that the decomposition of fungal 
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necromass in soils can be described as having two distinct stages that are driven by 
different components of substrate C chemistry, with implications for rates of N availability 







Dead microbial cells (i.e. necromass) often constitute more than half of the organic C and 
N in soils, with fungal necromass comprising the majority of this pool (Liang et al., 2019; 
Simpson, et al., 2007). On short-term time scales (e.g. days to weeks), the decomposition 
of fungal necromass is thus an important source of C and N to soil microbes and plants (J. 
Chen et al., 2019). Over longer time scales, biomolecules from decomposing microbial 
necromass become stabilized to mineral surfaces, increasing long-term soil C storage 
(Cotrufo et al., 2013; Ludwig et al., 2015) and N retention (Fuss et al., 2019; Lovett et al., 
2018). Despite its clear importance to the accumulation and availability of soil C and N, 
knowledge of the drivers and dynamics of fungal necromass decomposition is poor relative 
to understanding of senesced plant tissues. 
 
There are growing calls for the explicit inclusion of microbial necromass into ecosystem 
models (e.g. Simpson et al. 2007; Miltner et al. 2012; Wieder et al. 2015). Previous studies 
have modeled fungal necromass decomposition as a uniform substrate with a constant 
decay rate (i.e. single exponential decay; Fernandez & Koide, 2014), which is how it has 
been treated in soil C models (Sulman et al., 2017; Sulman et al., 2014). In reality, fungal 
necromass is a heterogeneous structure of biopolymers (e.g. polysaccharides, proteins, 
aromatic polymers) subject to degradation by different enzymes at different rates 
(Brabcova et al., 2016). This substrate heterogeneity is reflected in studies which suggest 
that fungal hyphae decompose in two distinct phases: an initial phase of rapid 
decomposition and a second phase of slow decomposition (e.g. Schweigert et al., 2015; 
Brabcová et al., 2016; Ryan et al. 2020). Recently, a two-year study demonstrated that an 
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asymptotic model of decomposition best described mass loss for four ectomycorrhizal 
fungal species (Fernandez et al., 2019). This model assumes that the fungal substrate 
consists of two distinct pools: a labile “fast” pool that decomposes exponentially, and a 
recalcitrant “slow” pool that decomposes at a rate approaching zero (Howard & Howard, 
1974).  If generalisable, this would provide useful parameters for incorporating fungal 
necromass into microbially-explicit biogeochemical models, since a two-pool model of 
necromass decomposition implies distinct biochemical fractions with distinct implications 
for biogeochemical cycling. However, more observations are needed to determine whether 
the asymptotic model can be broadly applied across diverse fungal taxa.  
 
Accurately modeling the dynamics and drivers of the early stages of fungal necromass 
decomposition (i.e. the fast pool) may be particularly important to soil N availability. 
Modeling N release from necromass is straightforward if treated as a homogeneous pool; 
a simple exponential decay rate dependent solely on N concentration results in species 
releasing N at a rate proportional to their mass loss. However, the presence of multiple N-
containing pools which decay at different rates complicates this, especially if substrate N 
concentration is not the only driver of decay rate. Thus, while multiple studies have 
demonstrated that the early stages of fungal necromass decay are controlled in part by the 
N concentration (e.g. Koide & Malcolm 2009; Fernandez et al. 2019), other chemical 




While fast pool necromass dynamics likely affect soil N availability, the size of the slow 
pool may affect long-term rates of C and N accumulation in particulate organic matter. 
This pool is thought to be composed of melanin located within the fungal cell wall 
(Fernandez et al., 2019). Among ectomycorrhizal fungi, melanised root tips persist longer 
in soil than non-melanised root tips (Fernandez et al., 2013), and melanised sclerotia can 
remain in soil for millennia (Scott et al., 2010). Recent field studies have linked melanized 
hyphae with SOM pools (Karina E. Clemmensen et al., 2015a; Lenaers et al., 2018; Siletti 
et al., 2017), suggesting an effect on soil C accumulation. The implications of a stable 
melanin-derived pool for soil N dynamics are less clear, as the chemical structure of many 
fungal melanin types do not contain N (Butler & Day, 1998). However, some fungal taxa 
produce melanin structures with N-containing indole groups (Eisenman & Casadevall, 
2012), and N-containing proteins and chitin are often complexed with melanin in the cell 
wall (Butler & Day, 1998; Nosanchuk et al., 2015). These molecules could represent a 
previously overlooked pool of N immobilised in fungal necromass over long time scales. 
 
In the present study, we decomposed 28 field-collected fungal necromass types in 
laboratory microcosms containing non-sterile soils further inoculated with a ubiquitous soil 
saprotroph. Our primary objectives were to: 1) determine which commonly applied 
decomposition model best describes decomposing fungal hyphae across a phylogenetically 
and functionally diverse suite of taxa, 2) determine the biochemical components of fungal 
necromass most strongly associated with its decomposition dynamics, and 3) determine 
how substrate chemistry and decay rate relate to the dynamics of N release during fungal 






Fresh sporocarps of 23 species of mycorrhizal and saprotrophic fungi were field harvested 
and oven dried at 45°C. The stipe was separated from the pileus in all samples where the 
two features were distinguishable. The pileus in mushrooms contains spores and tends to 
have higher C and N concentrations than the stipe (E. A. Hobbie et al., 2012), which we 
assumed to be chemically more similar to diffuse hyphae. Therefore, we discarded the 
pileus in all but five samples where we analysed it separately (n = 28 total samples). 
Substrates were oven dried at 50ºC and ground to the consistency of fine sand in order to 
ensure a homogeneous sample for litterbags and chemical analyses.  
 
We constructed five bags of each ground necromass type, each containing 85 ± 10 mg of 
dried fungal mycelium that was heat-sealed inside of two ~4 cm2 squares made from 53 
µm nylon mesh (Elko, Minneapolis, MN, USA). Each bag was incubated in a 120 ml 
microcosm filled with ~80 ml live (i.e. unsterilized) mineral soil from the Cedar Creek 
Ecosystem Science Reserve, MN, USA. Upland soils at Cedar Creek are sandy Entisols, 
classified as Udipsamments (Grigal, et al., 1974). Soils were sieved to 2mm and litterbags 
were deployed horizontally, with approximately 40ml of soil above and below the litterbag. 
Microcosms were covered in clear plastic film, incubated in the dark at 20 ºC, aerated every 
4-6 days, and soil moisture levels maintained at 60% of field capacity until harvest. One 




Because a primary objective of this research was to compare the early stages of 
decomposition across substrates, we wanted to minimise differences due to the timing of 
saprotroph colonisation. Accordingly, we surface-inoculated all bags with a 50 µl slurry of 
water and hyphae from laboratory-cultured Mortierella elongata prior to incubation. M. 
elongata is a common saprotroph in soils globally (Li et al., 2018), plays a dominant role 
in microbial substrate decomposition (López-Mondéjar et al., 2018a), and is an early 




We conducted a series of biochemical analyses to assess the initial substrate composition 
of all samples. We used forage fiber analysis, consisting of sequential extractions with 
neutral detergent, acid detergent, and concentrated acid, to assess proximate carbon 
fractions of each fungal residue (ANKOM Technology, Macedon, New York, USA). This 
procedure is commonly used in ecosystem studies to analyse plant tissues for 
decomposition studies (e.g. Wieder et al., 2009; Hobbie et al., 2010). To our knowledge 
this procedure has not yet been applied to fungal substrates, however the carbon fractions 
it is meant to quantify in plants (e.g. cross-linked polysaccharide chains, proteins, 
amorphous aromatic polymers) are all present in fungi, and likely subject to degradation 
by similar classes of enzymes in soils (e.g. hydrolytic, proteolytic, oxidative). Briefly, cell 
soluble contents (e.g. simple carbohydrates, lipids, soluble proteins and non-protein N) 
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were assessed as the amount of mass loss from each sample after gentle agitation in a 
neutral detergent for 75 minutes at 100℃. The residual material was agitated in an acid 
detergent (1N H2SO4) at 100℃ for 75 minutes to quantify the mass of amorphous glucan 
polymers (analogous to hemicellulose in plants) and bound proteins within the cell wall. 
Finally, the contents of acid hydrolysable cell wall components—likely crystalline glucans 
and chitin (Jang et al., 2004; analogous to cellulose in plants)—were determined with a 3-
hour extraction in concentrated (72%) H2SO4 at room temperature with intermittent 
agitation. The remaining, acid unhydrolysable residues are thought to contain cell wall 
melanins (analogous to lignin) and other molecules complexed within them (Nosanchuk et 
al., 2015). 
 
We quantified the relative proportion of various biochemical bonds present in the initial 
substrates using Fourier-transform infrared (FTIR) spectroscopy. Two mg subsamples of 
each necromass sample were ground into a homogeneous powder with 100 mg KBr. 
Samples were pressed into a disc, and 64 transmission spectra scans were averaged across 
the 4000-400 cm-1 range, at a resolution of 4 cm-1 using a Nicolet iS5 spectrometer fitted 
with an iD1 Transmission accessory (Thermo Fisher Scientific, Waltham, Massachusetts, 
USA). Background subtraction was applied based on pure KBr spectrum, and a baseline 
correction factor was applied using OMNIC, version 9 (Thermo Fisher Scientific, 
Waltham, Massachusetts, USA). Peak heights were z-score transformed prior to use in final 
analyses, and peaks corresponding to bonds in common biomolecules were identified based 




In addition to the fiber fraction and FTIR spectral analyses, we measured total C and N 
concentrations and total melanin content. Percent C and N were measured via dry 
combustion (Costech Analytical Technologies Inc., Valencia, CA, USA). Substrate 
melanin content was quantified using the commonly applied Azure A colourimetric assay 
(Fernandez & Koide,  2014). Briefly, 15 mg of ground sample was placed in 3 ml of Azure 
A solution (0.1M HCl mixed with Azure A dye to a 610 nm absorbance of 0.665) and 
incubated overnight. Melanin content was estimated as the decrease in 610 nm wavelength 
absorbance after incubation, based on a standard curve created using pure fungal melanin 
isolated from Cenococcum geophilum biomass.    
 
We calculated net N immobilization and release during the first 43 days of decay for five 
of the 28 necromass types, which were representative of the range in substrate quality (i.e. 
N and melanin concentrations). For each collection (2, 5, 8, and 43 days), we measured the 
N concentration of the necromass harvested from the bags. We estimated the proportion of 
the initial substrate N pool remaining for each bag at each collection time (Parton et al., 
2007), such that Nretained = (Massfinal x [N]final)/(Massinitial x [N]initial), where Nretained 
represents the proportion of the initial N pool remaining, [N]initial and [N]final represent the 
respective substrate N concentrations, and Massinitial and Massfinal represent the respective 
masses of substrate in the litterbags. Values greater than 1 indicate net immobilization 
whereas values less than 1 indicate net release. Due to differences in the timing of N release 
and the magnitude of N immobilised when N release began among substrates, we 






We compared the single exponential decomposition model of the form X = e-kst, where X is 
the proportion of the mass remaining at time t (in days) and ks is the decay rate, to the 
asymptotic model of the form X = A + (1-A)e-kt, where k is the decay rate of the fast pool, 
and A is the size of the slow pool which decomposes at a rate of zero (in reality, the decay 
rate of the slow pool is likely very close to, but not equal to, zero). We fit these models to 
the proportion mass remaining for each substrate across the five harvest times (Howard & 
Howard, 1974; Olson, 1963). We also attempted to fit the data to a double exponential 
model, which assumes that both the fast and slow pools decay exponentially at different 
rates (Lousier & Parkinson, 1976); however, these models did not converge. We compared 
the fits of the single and asymptotic models based on the root sum of squares, and the 
corrected Akaike’s Information Criterion (AICc) values. We used ANOVA to compare the 
differences in decomposition parameters for the substrates categorised by trophic mode 
(mycorrhizal, soil saprotroph, wood saprotroph), taxonomic order, and sporocarp 
component (stipe vs spore-bearing).  
 
To assess the effects of substrate chemistry on decomposition dynamics, we used the 
parameters from the decomposition models (decay rate k and slow pool size A) as 
dependent variables in multiple linear regression analyses, with substrate chemical 
concentrations as explanatory variables. Because the fiber fractions sum to 100%, using 
multiple fractions as predictors would violate the assumption of independence required for 
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multiple regression. To avoid issues of collinearity among predictors, we compared these 
fractions to the dependent variables separately using simple linear regression, and then 
included only the best predictor in the larger model. For similar reasons, we chose to 
include substrate N concentration, but not C:N ratio in our pool of explanatory variables— 
substrate C:N was highly correlated with percent N, but less correlated than N with our 
dependent variables (Table S2.2). Starting with a model that included N concentration, 
melanin concentration N , one fiber fraction, and all possible interactions, we used a 
backward-selection stepwise procedure to select the best model based on AIC. We 
qualitatively described the biochemical bonds associated with the C and N fractions using 
Pearson correlations with the peaks obtained from FTIR spectra. Finally, we used k and the 
chemical variables found to predict it as explanatory variables in simple linear regressions 




The asymptotic model of decomposition consistently fit the mass loss data better than the 
commonly used single exponential model, as evidenced by a lower residual sum of squares 
in all 28 models (Table 2.1). The AIC values were also lower for the asymptotic models 
than the single exponential models in all but one time series (Laetiporus sulphureus; Table 
2.1). We found considerable variation in the fast pool decay rate across substrates 
(CV=34%), with k-values ranging from 0.07-0.35 per day. We found even higher variation 
in the asymptotic fraction (CV=41%), with A-values ranging from 0.04-0.26. These 
parameters appeared to be independent from each other, as A-values and k-values were not 
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significantly correlated in this dataset (R2= 0.06, P = 0.20, Table 2.2). Variation in k and 
A-values was not well explained by trophic mode or sporocarp component, though we 
found differences between taxonomic orders (Figure S2.3). 
 
Variation in the k-values associated with the fast pool from the asymptotic model was 
explained by initial substrate chemistry. The most parsimonious model based on stepwise 
AIC selection contained only the soluble cell contents and N concentration as explanatory 
variables with no interaction (k-value = -0.1417 + 0.0043* CellSolubles + 
0.0088*PercentN; Table S2.4). Cell soluble components, acid detergent, and acid 
hydrolysable fractions all predicted k when considered independently (Figure 1). Of these, 
the strongest predictor of decomposition rate was cell soluble components, which increased 
with k (R2=0.56, P<0.001; Figure 2.1). Initial N concentration also predicted the 
decomposition rate of the fast pool (R2=0.19, P=0.02; Figure 2.1), and was not correlated 
with cell soluble components or any other fiber fraction (Table S2.2). 
 
The A-values representing the size of the slow pool from the asymptotic model were 
explained by melanin concentration and the acid non-hydrolysable fraction. The most 
parsimonious model based on the stepwise AIC procedure contained only these two 
variables with no interaction (A-value = 0.1378 + 0.0056*Melanin + 0.0055*Non-
hydrolysable; Table S2.4). Melanin and the non-hydrolysable fraction also significantly 
predicted the A-value in simple linear regression (Figure 2.2), however these relationships 




Peaks from the FTIR spectra corresponded to substrate chemistry measurements and 
decomposition model parameters (Table 2.2). The two alcohol (R-OH) peaks (1080 cm-1 
and 1160 cm-1) had strong negative correlations with the two best predictors of fast pool 
decay rate: peak 1080 cm-1 was inversely correlated with N concentration, and peak 1160 
cm-1 was inversely correlated with cell soluble contents. Consequently, these R-OH peaks 
were associated with lower k values in the fast decomposing pool (Table 2.2). Both amide 
bond peaks (1550 cm-1 and 1650 cm-1) were highly indicative of N concentration, and also 
correlated with the fast pool decomposition rate. The two peaks thought to be associated 
with fungal melanins (840 cm-1 and 1234 cm-1), however corresponded to different 
biochemical fractions. The 1234 cm-1 ester peak was associated with the non-hydrolysable 
fraction and melanin contents, which in turn were correlated with the size of the slow pool 
(A-value). Surprisingly, the 840 cm-1 aromatic peak was negatively related to total C, and 
was not associated with melanins, but rather was positively related with cell-soluble 
contents. Aliphatic peaks were positively correlated with the non-hydrolysable fraction and 
melanin contents (Table 2.2), but these relationships were strongly driven by a single point 
(Figure S2.6).  
 
Nitrogen release during decomposition differed among the 5 necromass types examined 
(Figure 3a). Necromass types with the lowest initial N concentrations (3.2% N in both 
Camarops petersii and Grifola fondosa) both displayed net immobilisation of N by the 
second day of decomposition (Figure S2.7). Notably, C. petersii necromass more than 
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doubled its N content during the first 48 hours of decomposition. Similarly, G. fondosa N 
content increased 30% after losing 40% of its mass (Figure 3a). In contrast, necromass 
types with the highest initial N concentrations exhibited immediate declines in N content. 
Nitrogen immobilisation (measured as the maximum proportion of initial N) was 
negatively related to decay rate of the fast pool (R2=0.81, P=0.04, Figure 2.3b). As cell 
soluble contents increased, the maximum proportion of N immobilised decreased 
(R2=0.91, P=0.01), with necromass types with the highest concentrations of cell solubles 
releasing N immediately (Figure 2.3c). Conversely, we found a strong positive relationship 
between the maximum quantity of N immobilised and the R-OH bond contents of the initial 
substrate (R2=0.96, P=0.003, Figure 2.3d).  
 
DISCUSSION: 
A generalisable two-pool model of fungal necromass decay  
Our results demonstrate broad support for the asymptotic model in describing the 
decomposition of fungal necromass in soils. In this model, a fast pool decomposes 
exponentially on the order of days to weeks, followed by a slow pool that decomposes at a 
rate approaching zero. This model has been used extensively to characterise plant tissue 
decomposition (Berg, 2000; Wieder & Lang, 1982), but with the fast pool in plants 
decomposing orders of magnitude more slowly than fungal necromass (i.e. measured in 
years, not days). The size of the slow pool across fungal species (7-35%, mean = 18%) was 
smaller and less variable than those observed in leaf litter (e.g. 5-49%, mean = 29%; Berg 
2000). The length of our study did not allow us to quantify the long-term decomposition 
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dynamics of the slowly decomposing necromass pool. Moving forward, multi-year studies 
are needed to better characterise the decay rate of the slow fraction of fungal necromass.   
 
Our study examined the dynamics and drivers of the fast pool across phylogenetically 
diverse fungi. We found a wide range in C and N fractions among the necromass types 
analysed (Table S2.8), corresponding to different bonds in the FTIR spectra (Table 2.2). 
Prior studies have related N concentration to early stages of necromass decomposition (e.g. 
Koide & Malcolm 2009; Fernandez & Koide 2014; Maillard et al. 2020; Ryan et al. 2020), 
but have largely overlooked the importance of carbon fractions in these substrates. We 
found cell-soluble contents to be the strongest predictor of k, independent of substrate N 
concentration. This observation, along with the negative relationships observed between k 
and the more recalcitrant fractions of our assay, supports the idea that the size and C 
chemistry of the fungal cell wall determines k for the fast pool (Fernandez et al., 2016). 
This is further supported by the strong inverse correlation between k and R-OH functional 
groups from the FTIR analyses, as these groups are present in high quantities in the 
polysaccharides (β-glucan, chitin) composing the cell wall (Table 2.2). While the fast 
fraction represented the majority of the initial substrate across our dataset (65-93% by 
mass), our use of freshly-killed hyphae may overestimate the relative proportion of the fast 
pool in situ, since some of it is likely reabsorbed by the fungi as hypha senesce (Boberg et 
al., 2014). Importantly, the half-life of the fast pool fraction varied by a factor of 6 (range 
= 3-18 days) across these species, suggesting that differences in fungal community 




Drivers of N retention during necromass decomposition 
Our results highlight considerable variation in N release among fungal necromass types 
during the early stages of decomposition. Despite substantial mass loss from all necromass 
types in the first 8 days of decomposition, N dynamics ranged from net release to net 
immobilisation of N during this time (Figure 2.3a). Substrates with the highest initial N 
began losing N immediately, while lower-N substrates remained a net sink for N until the 
majority of mass loss had occurred (Figure S7).  This pattern mirrors observations in plant 
litter in many ecosystems (Parton et al., 2007), but over a much shorter time scale. 
Interestingly, initial N concentrations were not the best predictors of initial N release, and 
did not significantly correlate with the rates of immobilization (Figure S2.7), though the 
limited sample size of this analysis only allowed for detection of strong trends. Instead we 
found that N retention in fungal necromass was well predicted by k, and the substrate C 
chemistry driving k (Figure 2.3b,c,d).  
 
Differences in N release among necromass types likely reflect variation in the size and 
composition of the cell wall, with more N immobilization in taxa with more cell wall 
polysaccharides (i.e. R-OH groups; Figure 2.3d).  In contrast to N contained within the cell 
soluble fraction, N complexed as proteins within the cell wall or contained within 
acetylglucosamine monomers of chitin require enzymatic attack to be released. Both cell 
wall components and R-OH bond content were inversely correlated with k (Figure 1, Table 
2.2), reflecting rate limitation of the hydrolytic enzymes responsible for degrading the 
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polysaccharides within this pool (Sinsabaugh et al., 2002). This is consistent with the 
findings of Fernandez & Koide (2012), who found that chitin losses from decomposing 
necromass were much greater during the second half of a one-month incubation. This 
suggests that rates of N release from the fast decomposing pool of fungal necromass will 
be determined by the ratio of N contained in the cell-soluble fraction to N incorporated 
within the cell wall. Fungal cell walls vary considerably in size, and contents of chitin and 
glycoproteins (Bowman & Free, 2006). Ecologically, this implies that factors affecting the 
cell wall traits of soil fungi (e.g. environmental stress, species turnover) may have 
considerable afterlife effects on rates of soil N availability. Future field studies are needed 
to confirm this hypothesis. 
 
Implications of a two-pool model for soil carbon storage 
Both fast and slow decomposing pools of fungal necromass are likely to affect rates of 
SOM accumulation, but through different mechanisms. The fast fraction will directly 
contribute to mineral-stabilised SOM formation insomuch as low-molecular weight 
components (e.g. amino sugars, lipids) released during decomposition are directly sorbed 
to mineral surfaces (Miltner et al., 2012; Shao et al., 2019). This pool may also affect rates 
of C stabilisation by altering the carbon use efficiency of the microbial communities that 
feed upon it (Cotrufo et al., 2013).  Regardless of the mechanism, it is worth noting that 
the higher proportion of fast decomposing mass in fungal necromass relative to plant litter 




The role of the slow necromass pool in SOM accumulation is less clear, as its residence 
time has not been well quantified. Fernandez et al. (2019) found that the recalcitrant pool 
remained largely unchanged in litterbags for at least two years in a peat bog, with only 
negligible effects of temperature under oxic conditions. Since the litterbags in that study 
(53µm mesh, placed 5cm into Sphagnum spp.) prevented direct interactions with soil 
minerals, this pool persisted as particulate organic matter. While recent research has 
focused on the role of mineral associated organic matter in SOM accumulation (Lavallee 
et al., 2019), fungal byproducts physically stabilised as particulate matter can constitute a 
large proportion of SOM (Frey, Elliott, & Paustian, 1999; Six et al., 2006). Melanin may 
be especially important to this pool, as fungal-derived melanin is prevalent in soils across 
systems (Van Der Wal et al., 2009), correlates with soil C stocks (Siletti et al., 2017), and 
has the potential to accumulate rapidly (Kallenbach et al., 2016). Because melanin is 
unhydrolysable even by strong acids (Bull, 1970), it is worth noting that fungal melanin is 
likely included in estimates of pyrogenic or “slow-moving” soil C pools determined via 
acid hydrolysis (Paul et al., 2006).  
 
Study limitations and future directions 
This study advances understanding of fungal necromass decay as it relates to substrate 
chemistry, but many limitations exist due to it being conducted under laboratory 
conditions. The soils used in our microcosms contained an intact community of soil 
saprotrophs, but not active mycorrhizal fungi, which influence decomposition in the field 
(Frey, 2019). It is also possible that inoculating with M. elongata biased our results towards 
the enzymatic capabilities of this fungi. However, M. elongata is an early colonizer of 
47 
 
necromass and is quickly outcompeted (Beidler et al., 2020; Fernandez & Kennedy, 2018), 
and prior work suggests it can decompose both chitin (De Boer et al., 1999) and β-glucans 
(Li et al., 2018), the major polysaccharides present in fungal cell walls. Finally, our results 
reflect decomposition dynamics from a single soil type. Biotic and abiotic differences 
across systems will likely to affect fungal necromass decomposition as they do plant tissues 
(Prescott, 2010; Veen et al., 2015). Currently, the only cross-system study of necromass 
decomposition found relatively small effects of edaphic factors and plant communities on 
the rate of fungal necromass decay, concluding that substrate chemistry was the largest 
driver (Beidler et al., 2020). Future field studies across a wide range of soil conditions are 
needed to confirm this pattern.  
 
Conclusions 
Here we demonstrate strong generality of the asymptotic decomposition model for 
describing mass loss in fungal necromass, which occurs in two stages driven by distinctly 
different chemical fractions of the substrate. The fast pool constitutes the majority of fungal 
dry mass, and decomposes exponentially at a rate that is positively related to the mass of 
cell soluble contents and negatively to the mass of cell wall constituents. The size of the 
cell wall fraction (relative to cell soluble components) determines the rate of N release 
during the early stages of decomposition, and whether the necromass acts as a net source 
or a net sink of N during this time. The residence time of the slow decomposing fungal 
necromass pool remains unknown, but is composed of melanins and other aromatic, acid-
unhydrolysable compounds. Beyond empirically fitting the data, the asymptotic model of 
decomposition implicitly acknowledges the variation in biochemistry across this diverse 
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kingdom, allowing for better characterisation of the effects of fungal traits (e.g. 




























Table 2.1  
Model parameters and fit statistics for two decomposition models describing mass loss for 
28 types of fungal necromass. ks = exponential decay rate form single pool model, k = 
exponential decay rate from asymptotic model, A = size of remaining “slow pool” after 
exponential phase (asymptotic model only), AIC= corrected Akaike Information Criterion 






Table 2.2  
Pearson’s correlation coefficients between chemical fractions and normalized FTIR peaks 
for 28 fungal necromass types. Columns reflect FTIR wavenumber and the corresponding 
organic functional group. A and k are parameters from an asymptotic decomposition model. 
All chemical and fiber fractions were calculated as a percentage of dry mass. Bold, 
italicised values denote statistical significance at P<0.10, “*” denotes P<0.05, “**” denotes 





Figure 2.1  
Relationships between fast pool decay rates (i.e. k-values from the asymptotic models) and 







Figure 2.2  
Relationships between slow pool size (i.e. A-values from the asymptotic models) and initial 







(a) Patterns of N release from decomposing fungal necromass over a 43-day period, 
calculated for five substrates as the proportion of the initial N pool. (b) The maximum 
proportion of N immobilised for each substrate over the course of decomposition declined 
as the decomposition rate k of the fast pool increased. (c) The maximum proportion of N 
immobilised was lower in substrates with high initial cell soluble contents. (d) Normalized 
R-OH bond contents (reflecting cell wall polysaccharides) estimated using peak intensity 
at 1160 cm-1 on FTIR spectrum linearly predicted the maximum proportion of initial 











Hyphae move matter and microbes to mineral microsites: integrating the hyphosphere 






Recent work has highlighted the importance of microbially-derived organic matter in 
association with soil minerals (MAOM) as a pool of slow cycling soil carbon (C). The 
rhizosphere, defined as the zone of influence proximate  to roots, is thought to control the 
spatial extent of MAOM formation because it is the dominant entrypoint of new C inputs 
to soil. However, this implicitly assumes that microbial redistribution of C into bulk 
(non-rhizosphere) soils is minimal. We question this assumption, arguing that the fungal 
redistribution of soil C from the rhizosphere to bulk soil minerals is common, and 
encourages MAOM formation.  First, we summarize published estimates of fungal 
hyphal length density and turnover rates to argue that fungal C inputs are high throughout 
the rhizosphere-bulk soil continuum. Second, because colonization of hyphal surfaces is a 
common dispersal mechanism for soil bacteria, we argue that hyphal exploration allows 
for the non-random colonization of mineral surfaces by hyphae-associated taxa. These 
bacterial communities and their fungal host will determine the chemical form of organic 
matter deposited on the colonized mineral surface. Collectively, this work demonstrates 
that omission of the hyphosphere from conceptual models of soil C flow overlooks a key 
mechanism for MAOM formation in bulk soils. There is an urgent need for quantitative 
research characterizing the environmental drivers of hyphal exploration and hyphosphere 
community composition across systems, as these traits represent dominant controls over 





Soils store the majority of terrestrial carbon (C), and a mechanistic understanding of the 
formation of soil organic matter (SOM) with a long residence time will be crucial to 
predicting future atmospheric C concentrations (Sulman et al., 2018). Recent work has 
focused extensively on the formation of mineral-associated organic matter (MAOM) due 
to its potential to persist at for millenia (Dungait et al., 2012; Schmidt et al., 2011). Broadly 
defined, MAOM consists of low molecular weight organic molecules that are chemically 
bonded to soil mineral surfaces (Lavallee et al., 2019), although both the molecular species 
and bond types can vary considerably (Kögel-Knabner et al., 2008). While plant-derived 
compounds represent the ultimate source of new C inputs to soils, there is growing 
recognition that the majority of MAOM in many soils likely originates from microbial 
byproducts (Grandy & Neff 2008; Miltner et al. 2012; Cotrufo et al. 2013a; Sokol et al. 
2019a; but see Castellano et al. 2015; Angst et al. 2021). 
 
The rhizosphere, defined as the zone of biological influence surrounding the root, serves 
as a spatially explicit point of entry for newly fixed C into mineral soils and a locus of 
microbial activity (Kuzyakov & Blagodatskaya, 2015). Accordingly, the spatial extent of 
the rhizosphere has been proposed as a dominant control point for the formation of new 
microbially-derived MAOM (Figure 3.1a, Rasse et al. 2005; Sokol & Bradford 2019). 
While conceptually attractive, focus on the rhizosphere as the dominant location of new 
microbially-derived MAOM is hard to reconcile with observations from CO2 pulse-
labeling studies, which often recover large proportions (c.a. 30-50%) of belowground plant 
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C allocation outside of the rhizosphere within days of adding the label (e.g. Norton et al. 
1990; Leake et al. 2001). This non-rhizosphere C flux occurs via mycorrhizal fungal 
hyphae, which can explore soil centimeters away from the root (Agerer, 2001; Friese & 
Allen, 1991). Similarly, saprotrophic soil fungi redistribute C from high-to-low organic 
matter soil regions while searching for patchily-distributed nutrients (S. D. Frey et al., 
2003). Despite representing a ubiquitous and dynamic network of labile C in soil, fungal 
hyphae and the zone they influence (the “hyphosphere”, Figure 3.1b,c) are not explicitly 
included in conceptual models of MAOM formation, which implicitly assume that the 
rhizosphere is the point of conversion of plant C to MAOM (Miltner et al., 2012; Schmidt 
et al., 2011; Sokol et al., 2019b). While the rhizosphere is undoubtedly the point of entry 
for newly fixed C to soils, we argue that conceptual omission of the hyphosphere from 
these models hinders our understanding of the microbial processes that ultimately control 
the rate and spatial extent of MAOM formation in soils (Anthony et al., 2020b). 
 
Mycorrhizal fungi are increasingly recognized as an important SOM input (Cairney, 2012; 
K. E. Clemmensen et al., 2013; Ekblad et al., 2013; Serita D. Frey, 2019; Godbold et al., 
2006a; J. Leake et al., 2004). Estimates of ectomycorrhizal (EcM) fungal hyphal 
production range from 40-1000 kg ha yr-1 in the top 10 cm of soil (Ekblad et al., 2013), 
while one study found hyphal production by arbuscular mycorrhizal fungi (AM) to be 339-
457 kg ha yr-1 (Miller et al., 1995), making hyphal production potentially comparable to 
fine root production (ca. 400-1500 kg ha yr-1; Jackson et al. 1996, 1997; McCormack et al. 
2015) in some systems. Due to their microscopic diameters, hyphae explore tens to 
thousands of meters of pore space within a single cubic centimeter of soil, representing a 
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large flux of labile organic matter at spatial scales relevant to MAOM formation (Godbold 
et al., 2006a). While hyphal densities are typically assumed to be higher inside of the 
rhizosphere, rhizosphere and non-rhizosphere soils often have similar fluxes of newly-
fixed C into fungal biomass (Huang et al., 2020). As such, the existence of a hyphosphere 
which moves plant-derived C well beyond rhizosphere soils suggests that considering 
fungal dynamics will be critical to the underlying processes driving MAOM formation. 
 
Here, we summarize disparate areas of research to demonstrate that fungal hyphae are 
crucial to the transport and subsequent stabilization of organic matter throughout the soil 
matrix. First, we contend that because of the high density, rapid turnover, and rapid 
decomposition of hyphae, the majority of organo-mineral interactions originate from 
hyphosphere, not rhizosphere derived C. Second, we describe mounting evidence 
suggesting that hyphae act as “highways” upon which unicellular microbes travel or are 
transported, helping disperse these organisms to mineral binding sites of MAOM formation 
beyond the rhizosphere. Third, we identify three distinct mechanisms by which organic 
matter is transferred from hyphae to mineral surfaces upon colonization. Collectively, these 
properties of the hyphosphere suggest that hyphal movement of matter to mineral 
microsites drive rates of MAOM formation in soil. We discuss predictions for how fungal 
traits might affect rates MAOM formation and conclude with a set of research priorities 
that will be crucial to integrating the hyphosphere into conceptual and process-based 
models of MAOM formation. Although our focus is on drivers of MAOM formation, the 
hyphosphere properties reviewed here have clear implications for particulate organic C 




Hyphae distribute carbon to minerals 
Soil hyphal dynamics are difficult to accurately quantify in situ (Fernandez, 2021), but 
existing estimates of hyphal exploration clearly demonstrate their importance relative to 
roots in distributing C throughout the soil matrix. We conducted Based on a literature 
search, we found that field-based estimates of hyphal length density in EcM-dominated 
systems averaged 137,700 cm cm-3 across sites and soil depths ≤ 30 cm, with the lowest 
study reporting a density of 1,800 cm cm-3 (Table 3.1, Appendix S3.1 for calculation 
methods). When considering studies that measured only AMF hyphae (i.e. excluded other 
fungi), global densities still averaged 1,553 cm cm-3 (Table 3.1). These values stand in stark 
contrast to global estimates of root length density, which average just 6.8 cm cm-3 (Jackson 
et al. 1997). Although there is wide variation in both root and hyphal density estimates it 
is safe to assume that the surface area of potential mineral binding sites in contact with 
standing stocks of soil hyphae outnumber those in direct contact with root surfaces by 
multiple orders of magnitude.  
 
In addition to the spatial extent of standing hyphal biomass, the ephemeral nature of fungal 
hyphae means that they explore more soil volume than roots per unit time. Although 
published estimates of hyphal turnover rate are sparse, methodologically inconsistent, and 
largely focused on mycorrhizal fungi, some patterns have begun to emerge. For example, 
the turnover rates of AM hyphae appear to be much faster than those of EcM hyphae (Table 
3.2). Multiple studies suggest that the lifespan of absorbent AMF hypha is less than one 
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week (Table 3.2), implying potential turnover rates as rapid as 60 yr-1 in systems with year-
round growing seasons, though in seasonal systems turnover rate appears to be much 
slower during the dormant season (Treseder et al., 2010). Turnover rates of AMF have been 
assessed either by visually following individual hyphae through time (using a soil window 
or minirhizotron) or by repeated measurements of hyphal C isotopes following a pulse 
labeling of CO2. Conveniently, these two methods have largely yielded similar turnover 
estimates. In contrast, EcM hyphal turnover rates have generally been assessed less 
directly, by combining hyphal production rates from ingrowth cores with estimates of 
standing hyphal biomass from ergosterol extractions. These studies assume that the sand 
substrate within the ingrowth cores limits the presence of saprotrophic fungi and therefore 
makes the estimate representative of EcM fungal turnover, but this assumption may be 
problematic (Branco et al., 2013; Fernandez, 2021). These studies have all been conducted 
in the field, with estimated turnover rates ranging from 3.2-13 yr-1. Regardless of these 
differences by mycorrhizal type, even low estimates of hyphal turnover rates from these 
studies stand in stark contrast to estimates of fine root turnover, which has a global average 
of 0.82 ± 1.11 yr-1 (mean, s.d.) based on estimates using the Fine Root Ecology Database 
(Iversen et al. 2017; Appendix S3.2).  
 
Although we recognize that the summary estimates of both hyphal density and turnover 
are poorly constrained, their magnitude in relation to fine roots clearly demonstrates the 
importance of hyphae to the frequency of organo-mineral interactions in soil. Assuming an 
annual EcM hyphal turnover rate of 7.6 yr-1 (mean across studies in Table 3.2) and average 
hyphal density of 137,700 cm cm-3 (average of woody systems, Table 3.1), the product of 
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these numbers would suggest that EcM fungi have the potential to explore more than 
1,000,000 cm of pore space per cm3 annually. The same calculation for AM fungi (mean 
hyphal turnover = 62 yr-1 during active season, average density in grasslands = 1,973 cm 
cm-3) suggests the potential of these hyphae to explore over 120,000 cm cm-3 annually. 
These estimates stand in stark contrast to comparable estimates of annual root exploration. 
Using the global averages of fine root density in table 3.1, and turnover rates from the 
FRED database, a similar calculation for annual root exploration averages only 2.1 cm cm-
3 yr-1 in woody systems and 11.7 cm cm-3 in grassland systems (Appendix S3.2). Even with 
the high uncertainty associated with each of these values, they strongly signal the 
importance of hyphae for distributing new C through soil across time and space.  
Ultimately, relating the soil volume explored by hyphae to potential C stabilization will e 
depend on interactions between fungal community traits and soil physiochemical 
properties. Research to date has focused primarily on mycorrhizal fungi, and these are 
arguably more important than saprotrophs since they represent new inputs of gross primary 
productivity to soils. However, all hyphae have the potential to distribute C spatially 
through soils, and are thus important in the context of MAOM formation. More accurate 
estimates of the hyphal length density and turnover rates for entire fungal communities are 
needed across systems, as well as a better understanding of the factors influencing these 
dynamics. Soil structure influences the extent of hyphal exploration (Ritz & Young, 2004), 
more quantitative data on these effects are greatly needed. Importantly, while hyphal 
exploration determines the potential for hyphosphere-derived MAOM formation, the  
proportion and reactivity of available mineral binding sites and the surface area of soil 
particles within a given soil volume (i.e. porosity) are ultimately just as important for C 
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stabilization (X. Wang et al., 2019). Moreover, the affinity of organo-mineral bonds varies 
by both mineral-type and organic molecule species (Jilling et al., 2018; Kleber et al., 2015), 
implying complex interactions between soil mineralogy and the hyphosphere communities 
responsible for depositing organic substrates.  
 
Hyphae distribute other microbes through soil 
As hyphae redistribute organic matter through soils, they provide a physical structure 
which allows for the transport and establishment of microbial communities to microsites 
(Guennoc et al., 2018; Junier et al., 2013; Nazir et al., 2010; Warmink et al., 2011). Soils 
are one of the most heterogeneous environments on Earth  (Vos et al., 2013). To account 
for the spatial and temporal patchiness in water and resource availability, the vast majority 
of unicellular microbes in soil exist as colonies anchored to surface particles by 
extracellular polymeric substances (EPS) (Costa et al., 2018). The physical dispersal of 
these organisms through the soil matrix is prevented by air pockets, with motility largely 
restricted along the water films connecting particles (Dechesne et al., 2010), and 
subsequent establishment after colonization determined by resource availability (Or et al., 
2007). Hyphae-forming fungi move freely through soil pores and provide both a trail of 
available C and a physical substrate upon which unicellular microbes can travel.  Bacterial 
migration along these “fungal highways” is well documented. Flagellated bacteria are able 
to swim along the water films on hyphal surfaces (Yuanchen Zhang et al., 2018), and 
biofilms of non-motile bacteria enmeshed in EPS have been observed on the hyphae of 
AM, EcM, saprotrophic, and plant pathogen fungi (Guennoc et al., 2018; Hover et al., 
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2016; Nazir et al., 2014; Scheublin et al., 2010). Importantly, these biofilms occur on both 
live and dead hyphae (Guennoc et al., 2018), but tend to concentrate along the leading edge 
of hyphal exploration (Guennoc et al., 2018; Nazir et al., 2014; Otto et al., 2017), 
underscoring the importance of  fungal exploration to new colony establishment of soil 
microsites (Warmink et al., 2011). 
 
Bacterial assemblages on hyphae are not random, and relationships among these taxa and 
their host fungi span the full range ecological interactions (Deveau et al., 2018). 
Hyphosphere communities are diverse, and community composition (on a single species 
of hyphae) varies with nutritional demand in both mycorrizal (Gorka et al., 2019; F. Wang 
et al., 2019) and saprotropic fungi (Yuan Zhang et al., 2020). Bacterial community 
assembly on AMF hyphae appears to be relatively conserved across time and soil, and 
similar across two genera of AMF species (Emmett et al., 2021). Both field and laboratory 
studies suggest that the presence of individual fungal taxa can structure the composition 
and function of soil bacterial communities (e.g. Zagryadskaya et al. 2011; Nuccio et al. 
2013; Liu et al. 2018).  Moreover, a recent AMF mesocosm study demonstrated different 
bacterial assemblages colonizing different minerals, and concluded that assembly was 
dispersal limited (Whitman et al., 2018). In this way, the fungal community composition 
of the hyphosphere directly impacts the functional diversity of the bacterial communities 
which establish on soil minerals.  
 
Hyphal establishment on mineral surfaces encourages MAOM formation 
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There is growing consensus that a large proportion of MAOM consists of common 
microbial biomolecules such as polysaccharides, lipids, organic acids, and enzymes 
(Grandy & Neff, 2008; Heckman et al., 2018; Miltner et al., 2012). As fungi comprise the 
majority of soil microbial biomass (He et al., 2020) and necromass (Liang et al., 2019; 
Simpson et al., 2007) in terrestrial systems, they likely contribute disproportionately to 
microbially derived MAOM. Hyphal proliferation along soil mineral surfaces leads to the 
production and subsequent stabilization of microbial compounds via three distinct 
mechanisms (Figure 2): (1) live hyphae and their associated microbes produce exudates 
(organic acids, enzymes, sugars) which can become sorbed, (2) when hyphae die, the direct 
decomposition products of the fungal necromass can become sorbed, and (3) as 
decomposition of the original fungal necromass proceeds, molecules originating from 
processes of microbial succession (e.g. EPS, exudates, bacterial necromass products) can 
become sorbed. The relative importance of these mechanisms will depend on both the 
hyphosphere community composition (Anthony et al., 2020a) and mineralogy (Creamer et 
al., 2019; Heckman et al., 2018).  
Both hyphae and their associated microbes release a suite of organic exudates into their 
surrounding environment which have the potential to interact with minerals (Fig. 3.2a). 
The simplest of these molecules are sugars exuded by hyphae to stimulate growth of 
unicellular symbionts to increase nutrient acquisition (L. Zhang et al., 2016). Many of the 
exudates produced by hyphosphere microbes are meant to degrade existing SOM for 
resource acquisition, but may end up forming MAOM.  For instance, extracellular enzymes 
intended to liberate organic matter or nutrients can form stable bonds with clay minerals 
(Olagoke et al., 2019), and may represent an underappreciated source of MAOM in some 
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systems. Indeed, a recent comparison across Critical Zone Observatory sites found that 
80% of the enzymes present in the whole soil column were sorbed to clays in deeper 
mineral soils (Dove et al., 2020). Similarly, mineral-sorbed organic acids are thought to 
originate from root exudates and leaching from organic horizons (Sokol et al., 2019a), but 
may be fungal in origin, since hyphae produce large quantities of these acids to accelerate 
the weathering of minerals (Blum et al., 2002a; Hoffland et al., 2004; Smits & Wallander, 
2017). Given the close proximity to mineral surfaces and the high sorptive affinity of these 
acids, hyphosphere exudates likely contribute substantially to  this MAOM pool in mineral 
soils.   
 
As hyphae senesce, the decomposition products of fungal necromass provide a wide range 
of organic molecules for sorption (Fig 3.2b). When fungal cells lyse, soluble components 
within the cell such as amino acids and sugars are made immediately available to the 
surrounding environment and can sorb to mineral surfaces or be consumed by decomposers 
for further transformation (see next paragraph). Depolymerization of B-glucans and chitin, 
the main components of the cell wall, occurs over the course of days to weeks (Fernandez 
et al., 2016b; See et al., 2020), providing opportunities for sorption of amino sugar 
monomers or polysaccharide chains. As hyphal necromass decomposition proceeds, more 
slowly decomposing cell wall components yield more complex molecules for organo-
mineral interactions.  For example, much has been written about the positive relationship 
between the AMF-produced glycoprotein glomalin and SOM formation in soils (Rillig & 
Mummey, 2006). Similarly, many dikaryotic fungi (including many EcM species) contain 
melanins within their cell walls, which can persist in soils for millennia (Scott et al., 2010).  
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A recent decomposition experiment demonstrated that the melanized fraction of fungal 
hyphae persisted for two years as particulate matter in litterbags (Fernandez et al., 2019). 
The extent to which melanin-derived molecules form organo-mineral complexes remains 
poorly characterized, but such complexes are likely important given the ubiquity of 
melanized fungi (Siletti et al., 2017) and the fact that other complex aromatic molecules 
(i.e. lignins) contribute substantially to mineral-bound SOM (Angst et al., 2021; Rasse et 
al., 2005). Indeed, increases mineral-associated phenolic and aromatic compounds were 
observed after 18 months of microbial growth in lignin-free model soils (Kallenbach et al., 
2016), suggesting the accumulation of fungal melanins.  
 
Fungal necromass contains a higher proportion of labile C (e.g. cell soluble sugars, 
polysaccharide chains) than root litter, and hyphal decomposition rates are commonly 
measured in days, while fine root decomposition commonly occurs over the course of years 
(See et al. 2019, 2020). As hyphal necromass decomposes, it forms the base of a complex 
food web of microbial decomposers dominated by bacterial taxa (López-Mondéjar et al., 
2018b) which anchor themselves to the hyphal remnants and adjacent mineral surfaces with 
EPS (Fig. 3.2c). This biofilm production is thought to be a dominant source of MAOM in 
many soils (Kleber et al., 2015). Many of the bacterial taxa present on living mineral-
associated hyphae are likely some of the earliest necromass decomposers when the hyphae 
senesces. For instance, biofilms of Pseudomonas species are common on EcM genus 
Laccaria, and thought to be beneficial to the fungi (Duponnois & Garbaye 1991; Labbe et 
al. 2014; Guennoc et al. 2018), and these taxa have also observed in high numbers during 
the first weeks of fungal necromass decomposition in field studies (Beidler et al., 2020; 
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Brabcová et al., 2016b; Fernandez & Kennedy, 2018).  As microbial succession proceeds 
other decomposer taxa establish, likely arriving via other hyphae or by traveling along EPS 
pathways established on the decomposing hyphae. Within days to weeks, little of the 
original hyphal necromass remains, but the C deposited by the hyphae on the microsite will 
constitute the majority of the microbial residues replacing it (Fig 3.3).  
 
Drivers of hyphosphere function related MAOM formation 
The work summarized above highlights and urgent need to understand the factors 
controlling the variability of hyphosphere spatiotemporal dynamics and microbial 
community composition across systems. Collectively, these two factors will exert strong 
controls over the rate and molecular composition of MAOM formation in soil (Fig. 3.4). 
Current understanding of these traits and environmental factors influencing their variability 
is still nascent, but some general principles have started to emerge.   
 
The dominant trophic mode (i.e. mycorrhizal vs saprotrophic) will affect the spatial extent 
of the hyphosphere throughout the soil profile (Fig. 3.2a). Saprotrophic fungi are limited 
by the availability of both C and nutrients in soil, and their exploration will be higher in 
regions of higher soil organic matter where these resources are coupled. In contrast, 
mycorrhizal fungi are not limited by soil C availability, and their hyphal exploration is 
dictated instead by the nutrient demands of the plant host (Han et al., 2020; Smith & Read, 
2008), suggesting they may play a disproportionate role in distributing newly fixed carbon 
to mineral soil (Ekblad et al., 2013; Godbold et al., 2006b). Indeed, the proportion of 
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mycorrhizal hyphae relative to saprotrophic fungi increases with decreasing SOM:mineral 
content in soils (Carteron et al., 2020; Lindahl et al., 2007; Schlatter et al., 2018). It was 
recently demonstrated that the contribution of AMF-associated glomalin to soil C pools 
increases with depth of mineral soil (W. Wang et al., 2017); similar patterns with depth 
have been observed with EcM-associated melanins (Karina E. Clemmensen et al., 2015b), 
though this study was conducted in a highly organic soil. It appears that EcM hyphae may 
be more extensive than AM hyphae in their spatial exploration, suggesting greater rates of 
deposition on minerals, (Table 3.1), but this may be partially offset by the fact that AMF 
hyphae turn over more rapidly (Table 3.2). These differences support the idea of  alternative 
nutrient foraging strategies among mycorrhizal guilds (i.e. tradeoffs between root and 
hyphal foraging precision; Chen et al. 2016). However, both EcM and AM fungal taxa vary 
considerably in the extent of their hyphal exploration (Agerer, 2001; Jakobsen et al., 1992; 
Joner & Jakobsen, 1995; Schnepf et al., 2008), and species composition within both of 
these guilds varies with soil depth and organic matter content (Bahram et al., 2015; Rosling 
et al., 2003). This fungal diversity also structures hyphosphere bacterial diversity (sensu 
section 3), and therefore affects not only the rate of C accumulation in mineral soils, but 
the organic chemistry of the C deposited (Fig. 3.4).  
 
Environmental stressors play an important role in structuring the composition and function 
of hyphosphere fungal and bacterial communities (Lustenhouwer et al., 2020; Moore et al., 
2021), which will have cascading effects on the rate and chemistry of MAOM formation 
(J. Schimel et al., 2007; J. P. Schimel & Schaeffer, 2012). A full review of these stressors 
is beyond the scope of this paper, but examples include baseline edaphic factors such as 
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soil water availability, pH, and salinity (Rath & Rousk, 2015; J. P. Schimel, 2018; Tedersoo 
et al., 2020), as well as the natural and anthropogenic disturbances that affect these factors 
(Hopkins et al., 2021; Kane et al., 2020; Querejeta et al., 2009). Importantly, environmental 
stressors will not only alter the microbial community composition of the hyphosphere, but 
also the physiology of individual taxa as it relates to C use and MAOM formation (e.g. 
allocation to EPS production, Schimel & Schaeffer 2012). For instance, melanized 
structures in fungi are energetically expensive to produce, and protect from environmental 
stressors ranging from desiccation to metal toxicity (Koide et al., 2014). Melanization of 
the hyphosphere has been shown to occur during periods of drought (Querejeta et al., 
2009), and effects the chemistry of  C deposition directly by increasing the aromatic 
complexity of hyphal necromass, and indirectly by structuring the community composition 
of bacterial decomposers present (Fernandez & Kennedy, 2018). Similarly, cell walls 
composed of ß-glucans may be more resistant to decomposition than those composed of 
chitin alone, and may be more prevalent in more stressful environments (Treseder & 
Lennon, 2015). Thus, environmental stressors with play a large role in controlling the 
functional composition of hyphosphere communities, and ultimately the rate and chemistry 
of MAOM formation (Koide et al., 2014). 
 
In addition to environmental stressors and trophic mode, the stoichiometry of biotic 
resource limitation in relation to resource availability will dictate the extent of hyphal 
exploration along mineral surfaces. The hyphal growth form evolved in part as an 
adaptation to account for heterogeneous distribution of the multiple resources required for 
life (Nagy et al. 2020).  Fungal “mining” of mineral-derived nutrients is well documented 
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(Burford et al., 2003; Hoffland et al., 2004), and can represent a significant input of rock-
derived nutrients to ecosystem budgets (Blum et al., 2002b). Similarly, mycorrhizal fungal 
exploitation of soil water in mineral soils is common in water stressed systems (Augé, 
2001; Lehto & Zwiazek, 2011). It stands to reason then, that soils where mineral resources 
(e.g. Ca, P, K, Mg, water) are in high demand will have greater hyphal exploration (and 
subsequent rates of C deposition) on mineral surfaces. This hypothesis further points to the 
relative importance of mycorrhizal fungi in rates of MAOM formation, as their relative 
lack of C limitation should allow them increased access to these regions of lower organic 
matter. A comprehensive understanding of multiple resource limitation by fungi and their 
associated plants and microbes across systems remains elusive, but is an active area of 
research (Van de Waal et al., 2018) with clear implications for the rate of C distribution 




We contend that although plant detritus and exudates are the source of new C inputs to soil, 
fungal hyphae are the dominant mechanism by which this C is distributed through the soil 
matrix. Hyphae explore many orders of magnitude more pore space than roots (Tables 3.1, 
Table 3.2), and in the process come into contact with orders of magnitude more mineral 
surfaces. Furthermore, hyphae shape the organic chemistry of C deposited on mineral 
surfaces through differences in hyphal chemistry and through their influence on bacterial 
community composition. Mycorrhizal hyphae are of particular importance because they 
represent a flux of newly-fixed atmospheric C, and are more likely to explore areas of low 
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organic matter. A better understanding the drivers of MOAM formation rates will thus 
require better characterization of the extent and functional diversity of the hyphosphere in 
mineral soils. 
 
The task of integrating the hyphosphere into conceptual and process-based models of 
MAOM formation will require research across scales and disciplines. There is an urgent 
need for fine-scale estimates of hyphal exploration and functional community composition 
within and across mineral soils. Such estimates will require the use of laboratory and field-
based mesocosms to provide spatially explicit measurements of hyphal length density, 
turnover, and microbial community composition. Incorporating buried mineral substrates 
and stable isotope probing approaches into these experiments would provide invaluable 
data relating hyphosphere function to rates of MAOM formation (Pett-Ridge & Firestone, 
2017). As understanding of hyphosphere function relating to MOAM formation matures, a 
better understanding of the dominant controls of this functional diversity across systems 
will be crucial to its incorporation into global models (Sulman et al., 2018).  The use of 
“omics”-based approaches will be invaluable in characterizing the response of 
hyphosphere functional traits to environmental conditions (Romero-Olivares et al., 2021), 
but will require validation with trait measurements (Malik et al., 2020). Focusing these 
tools on genes related to hyphal proliferation, fungal cell wall composition (e.g. 
melanization, glomalin production), and EPS production by hyphae-associated bacteria 




The purpose of this paper is to call attention to the importance of the hyphosphere as an 
input of new MAOM. Conversely, many studies have focused the importance of the 
hyphosphere in the decomposition of soil C, including MAOM (Averill et al., 2014; Frey, 
2019; Read et al., 2004; Terrer et al., 2021; T. Wang et al., 2020; Zak et al., 2019). The net 
effect of soil fungi on soil C stocks will ultimately be determined by difference between 
these opposing effects. Moving forward, explicit consideration of the hyphosphere as a 
separate entity from the rhizosphere will be crucial to improving conceptual models 






















Global estimates of hyphal length density (mean, standard deviation) and fine root length 
density averaged by vegetation type in the top 30 cm of soil. Total hyphal estimates 
reflect studies where length of all fungal hyphae was quantified. Estimates of all hyphae 
in woody systems are dominated by studies that used sand ingrowth cores intended to 
quantify EcM fungi, and thus underestimate the contribution of saprotrophs. AMF only 
estimates reflect studies where AMF were measured using AMF-specific protocols. Fine 
root length density estimates were derived from Jackson et al. (1997). Data and 
calculation methods available in appendix S31. 
Density in soil Woody systems Non-Woody 
Systems 
Croplands Global Mean 
All hyphae (cm cm-3)        137,700 ± 318,332 
(EcM-dominated)  
23,990 ± 26,741 3,300 ± 
1,411 
76,400 ± 225,900 
AMF only (cm cm-3)         2,059 ± 3,948 1,973 ± 3,178 292 ± 196 1,553 ± 2,903 








Estimates of mycorrhizal hyphal turnover rates reported in the literature along with plant-
host community and method of estimation. 
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Generalized soil profile showing the spatial extent of the rhizosphere in yellow (a) 
contrasted against the spatial extent of the hyphosphere (b), depicted as a color gradient 
representing the relative dominance of fungal guilds. New leaf litter inputs are dominated 
by saprotrophic fungi (in blue), while regions of low organic matter in deeper soils are 
dominated by mycorrhizal fungi (in red). Soil particles located outside of the rhizosphere 
are heavily colonized by fungal hyphae (saprotrophic in blue, mycorrhizal in red), which 





















Three distinct mechanisms leading to the mineral stabilization of hyphosphere organic 
matter. Live hyphae and associated bacteria exude organic molecules (e.g. enzymes, 
sugars, organic acids, depicted by stars) into their environment (a). During the early 
stages of fungal necromass decomposition, hyphal cytoplasm components, cell wall 
polysaccharides, and lipids originating from the necromass are released (depicted as red 
dots) (b). As necromass decomposition proceeds, unicellular colonies of decomposers 
form EPS (depicted in green) along the remnants of recalcitrant cell wall structures (e.g. 








Images from an experiment in which organic matter free minerals were incubated in live 
soil for 35 days directly below decomposing fungal necromass isotopically enriched in 
13C. A Scanning electron microscope (SEM) image of an unknown fungal saprotroph 
connecting fragments of vermiculite is shown in panel a. A segment of this hypha is 
depicted in panel b using Nano-scale secondary ion mass spectrometry (NanoSIMS), and 
reveals that the hypha is highly enriched in 13C, demonstrating transfer of the C from the 
decomposing substrate to the mineral surfaces. Panel C shows an SEM image of hyphae 
in various stages of decomposition along the surface of a goethite particle. A NanoSIMS 
image of the surface shown in panel c is depicted in panel d, and demonstrates that 13C 
enrichment of the surface is not randomly distributed in space, but concentrated in 
regions of hyphal colonization. Collectively these images suggest that the transfer of C 
from the decomposing substrate (located ≤ 1mm away) to the mineral surfaces occurred 







Conceptual diagram of hyphosphere function relating to MAOM formation. Hyphal 
exploration of soil microsites across space and time (spatioptemporal dynamics) control 
the rate at which C is deposited on mineral surfaces. The hyphal taxa and its associated 
bacterial community control the organic chemistry of C deposited on minerals though 
differences in exudates, cell wall composition, and EPS production.  Factors affecting 
hyphosphere  spatiotemporal dynamics and community composition include the 
dominant trophic mode (saprotrohic vs mycorrhizal), the spatial distribution of limiting 
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Appendix 1.1: Dataset compilation 
We first searched for studies using bibliographies compiled from previous studies 
of fine-root decomposition (Silver & Miya, 2001; D. Q. Zhang et al., 2008; X. Zhang & 
Wang, 2015).  On December 10th, 2017 we conducted a Web of Science search using the 
following terms: “fine root decay,” “fine root decomposition,” “belowground litter 
decay,” and “belowground litter decomposition”. We only searched back to 1999, 
assuming that Silver and Miya’s (2000) analysis had reported all prior studies. Our search 
returned over 1000 published articles. Our initial criteria for inclusion included all studies 
where fine roots were <3 mm in diameter and decomposed in isolation (i.e. bulk root 
samples were excluded) and where the species identity was known. From these studies, 
we retained only studies that reported fine-root decomposition rates with at least 3 time 
points. 
For each species in each study, we retrieved simple exponential decay constants 
(k-values) based on the model M = e-kt, where M is equal to the proportion of dry mass 
remaining at time t, and k is the exponential rate of decay (Olson 1963). When k-values 
for simple exponential decay were reported in the study, we used the values as calculated 
by the authors. If k values were not reported, we digitized scatterplots using xyscan 
software (version 4.1, Yale University) or time series with a minimum of 3 points, and 
calculated decay constants using the nlm function in R (R core team). For studies with 
experimental treatments (e.g. N addition), only control treatments were included. For 
studies that compared decomposition rates across successional gradients (natural or 
human-created) we included all k-values.  
We recorded mean annual temperature (MAT) and mean annual precipitation 
(MAP) directly from the paper when it was reported. If a range was reported, we used the 
arithmetic mean. If these values were not available in the literature or from the study site 
(e.g. LTER websites or other papers), we used estimates of MAT and MAP from the 
Worldclim database (Fig. S1). 
When available, we recorded initial root concentrations of N, P and Ca for all 
observations. We also recorded estimates of lignin concentrations, though methods varied 
by study, and we included proxies such as “acid insoluble,” “acid unsoluble,” and “acid 
resistant” fractions. We recorded nutrient ratios (e.g. C:N, lignin:N) as reported in the 
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papers. In cases where ratios were not reported but constituents were, we calculated the 
ratios based on reported values. In some cases, lignin concentrations were not reported, 
and were back calculated based on reported values for N concentrations and lignin:N 
ratios. For studies reporting nutrient concentrations and k-values by root order or 
diameter class we calculated species-level means across these values.  
We categorized each species of fine root in by various relevant plant traits. 
Following the growth-form distinctions of Silver and Miya (2000), we categorized woody 
species as either broadleaf or conifer, and non-woody species as either graminoid or 
herbaceous. We classified species based on their phenology, separating woody plants into 
evergreen and deciduous (leaf lifespan), and non-woody plants into annual vs perennial 
life cycles. We assigned each woody species a mycotype of EcM, ErM, or AM based on 
the authors’ designation in the original publication. When no mycotype was identified, 
we used the species-level designation from Maherali et al. (2016), followed by genus, 
then family level designations if species information was unavailable. We chose to 
classify species known to associate with both AM and EcM fungi as EcM in our analysis. 
This amounted to 38 observations, or <5% of our dataset. When these observations were 
treated as AM instead of EcM in our analyses the results of our mycotype analysis 
remained unchanged.  
To assess the robustness of our species-level trait comparisons, we compiled a 
“conservative” dataset, which consisted of a subset of the larger dataset. Here, we 
restricted the k-values to experiments that used the buried-litter bag approach (i.e. 
removed studies which used sequential coring methods, soil blocks, etc.). We restricted 
the depth of burial to 0-20 cm mineral soil, excluding deep roots and those decomposed 
in the O horizons. We also removed all studies distinguishing root order. Finally, we 




Table S1.1: Sample sizes for analyses based on plant functional groups. 
 Sample size 
Group Complete dataset  
Conservative 
dataset 
Woody 524 282 
Herbaceous 173 111 
Broadleaf (woody) 359 199 
Conifer (woody) 165 83 
Graminoid  129 85 
Forb 44 26 
Arbuscular Mycorrhizal (woody) 210 134 
Ectomycorrhizal (woody) 282 135 
Ericoid Mycorrhizal 31 12 
Deciduous 223 120 
Evergreen 301 162 
Annual 27 18 










Figure S1.1a: Map of global mean annual temperature with approximate study locations 






Appendix S1.1b: Histogram of study durations for the dataset. A single, 10-year study 










Appendix S1.1c: Scatterplot of climate characteristics at each study site where woody 
roots decomposed. Circles depict studies containing only AM roots, triangles indicate 
studies containing only EcM roots, and diamonds show studies that contain at least one of 
each mycotype. Studies including observations on ericoid species in addition to other 







Appendix S1.2: Studies included in each analysis 
Table S1.2 Studies included in our analyses. Potential biome is based on Whitaker 
















N P Ca 
Lig-
nin 
Aber et al. 1990 x x x     Temperate Forest 
Andrén et al. 1992 x x x     Boreal 
Arunachalam et al. 
1996 
x x x     Temperate Forest 
Aulen et al. 2012  x  x   x Temperate Forest 
Bachega et al. 2016 x x x     
Trop. Seasonal 
Forest 
Barba et al. 2016 x x x x    
Shrubland/Savann
ah 
Bauhus et al. 2004 x x x     Temperate Forest 
Berg 1984 x x x  x x  Temperate Forest 
Berg et al. 1998  x x     Temperate /Boreal 
Birouste et al. 2012 x x  x   x Glasshouse 
Bloomfield et al. 1993 x x      
Tropical 
Rainforest 
Brechet et al. 2017 x x x     
Tropical 
Rainforest 
Burke and Raynal 1994 x x x x x x  Temperate Forest 
Camiré et al. 1991 x x x     Temperate Forest 
Carrillo et al. 2014 x x x     
Shrubland/Savann
ah 
Chen et al. 2008 x x x    x Temp. Rainforest 
Chen et al. 2002 x x x x    Temp. Rainforest 
Conn and Day 1997 x x x     
Shrubland/Savann
ah 
de Miranda Mello et al. 
2007 
x x x     
Trop. Seasonal 
Forest 
Dong et al. 2016 x x x x x x x Boreal 
Dornbush et al. 2002 x x x x   x Temperate Forest 
Fahey et al. 1988 x x x x x x x Temperate Forest 
Fan and Gou 2010  x x     Boreal 
Freschet et al. 2012 x x x     Boreal 
Fujii et al. 2010 x x x     Temperate Forest 
Fujimaki et al. 2008 x x x     
Trop. Seasonal 
Forest 
Gholz et al. 1986 x x x     
Trop. Seasonal 
Forest 
Gijsman et al. 1997 x x x x  x  
Trop. Seasonal 
Forest 
Goebel et al. 2011  x x     
Shrubland/Savann
ah 
GuerreroRamirez et al. 
2016 
x x      
Trop. 
Seas./Rainforest 
Guo et al. 2006 x x      Glasshouse 
Heal et al. 1978 x x x     Temperate Forest 
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Hobbie 1996 x x  x   x Glasshouse 
Hobbie et al. 2010 x x x x x x x 
Shrubland/Savann
ah 
Jalota et al. 2006 x x x x   x 
Trop. Seasonal 
Forest 
Jamro et al. 2015 x x x     Boreal 
Jessy et al. 2013 x x x     
Tropical 
Rainforest 
Jha et al. 2014 x x  x x   Glasshouse 
Jo et al. 2016 x x x x   x Temperate Forest 
John et al. 2002 x x x     Temperate Forest 
Jose et al. 2000 x x x     
Shrubland/Savann
ah 
Khamzina et al. 2015  x x     Desert 
Kou et al. 2015  x x x     Temperate Forest 
Lai et al. 2016 x x x     
Shrubland/Savann
ah 
Lai et al. 2017 x x x     
Shrubland/Savann
ah 
Lehmann et al. 1995 x x x     
Trop. Seasonal 
Forest 
Li et al. 2010 x x x     Temperate Forest 
Li et al. 2015 x x x     Temperate Forest 
Li et al. 2016 x x x     
Shrubland/Savann
ah 
LIDET x x x     All 
Lin et al. 2011 x x x x x  x Temperate Forest 
Lin et al. 2015 x x x     Temperate Forest 
Liu et al. 2009 x x x     
Shrubland/Savann
ah 
Lohmus and Ivask 1995 x x x     
Shrubland/Savann
ah 
Ludovici et al. 2006 x x x     Temperate Forest 
Luo et al. 2016 x x x     
Shrubland/Savann
ah 
Ma et al. 2016  x      Glasshouse 
Makita et al.2015 x x x x x x x Temperate Forest 
Fujii et al. 2015 x x x     Temperate Forest 
McClaugherty et al. 
1982 
 x x     Temperate Forest 
McClaugherty et al. 
1984 
x x x     Temperate Forest 
McLaren et al. 2017 x x x     Tundra 
Moore et al. 2007 x x x x    Temperate Forest 
Moretto et al. 2001 x x x     
Shrubland/Savann
ah 
Moretto et al. 2003 x x x     
Shrubland/Savann
ah 
Mun and Whitford 1998 x x x x   x Desert 
Olajuyigbe et al. 2012 x x x     
Shrubland/Savann
ah 
Ostertag and Hobbie 
1999 
x x x x x  x Temp. Rainforest 
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Palviainen et al. 2004 x x x     
Shrubland/Savann
ah 
Parker et al. 1984 x x x     Desert 
Puttesepp et al. 2007 x x x     Temperate Forest 
Raich et al. 2009  x x     
Tropical 
Rainforest 
Robertson et al. 2015 x x      
Tropical 
Rainforest 
Sanchez-de Leon et al. 
2013 
x x x     
Shrubland/Savann
ah 
Sariyildiz et al. 2015 x x x x   x 
Shrubland/Temp. 
Forest 
Scheffer et al. 2000 X x x     
Shrubland/Savann
ah 
Scheu 1994  x x     
Shrubland/Savann
ah 
Seastedt 1988 x X x     
Shrubland/Savann
ah 
Shen et al. 2017 x x x     
Shrubland/Savann
ah 
Silver and Vogt 1993 x x      
Tropical 
Rainforest 
Singh 1989 x x x     
Trop. Seasonal 
Forest 
Solly et al. 2014 x x x     
Shrubland/Temp. 
Forest 
Solly et al. 2015 x x x     
Shrubland/Temp. 
Forest 
Song et al. 2017 x x x     Temperate Forest 
Sun et al. 2013a  x x     Boreal 
Sun et al. 2013b  x x     Boreal 
Sun et al. 2015  x x     Boreal 
Sun et al. 2016  x x x x x x Boreal 
Thormann et al. 2001 x x x     Temperate Forest 
Tripathi and Singh 1992 x x x     
Trop. Seasonal 
Forest 
Tripathi et al. 2006 x x x     Temperate Forest 
Tu et al. 2015 x x x     Temperate Forest 
Usman et al. 2000 x x x     
Trop. Seasonal 
Forest 
Van Vuuren et al. 1993  x x     
Shrubland/Savann
ah 
Vivanco et al. 2006 x x x x x   
Shrubland/Savann
ah 
Wang et al. 2010 x x x     
Trop. Seasonal 
Forest 
Wang et al. 2014 x x x     Temperate Forest 
Xia et al. 2017 x x x     Temperate Forest 
Xiong et al. 2013  x x x   x 
Trop. Seasonal 
Forest 
Xu et al. 2013 x x x     
Trop. Seasonal 
Forest 
Yang et al. 2004a x x x     Temperate Forest 
Yanget al. 2004b x x x     Temperate Forest 
Zhao et al. 2015 x x x     Desert 
Zhou et al. 2015 x x x     Boreal 
108 
 
Appendix S1.3: Candidate models for climate effects on fine root decomposition. 
Parameters shown reflect fixed effects.   
Formula: ln(k) ~ MAT + ln(duration) + (1 | Contributor) 
AICc:1568 Marginal R2: 0.22 
Parameter Estimate Std Error t value P value 
Intercept -0.929 0.673 -1.380 0.17 
MAT 0.052 0.005 9.491 <0.001 
ln(duration) -0.107 0.103 -1.035 0.30 
 
Formula: ln(k) ~ ln(MAP) + ln(duration) + (1 | Contributor) 
AICc:1609 Marginal R2:  0.15 
Parameter Estimate Std Error t value P value 
Intercept -1.797 0.848 -2.12 0.04 
ln(MAP) 0.409 0.066 6.25 <0.001 
ln(duration) -0.315 0.110 -2.85 <0.01 
 
Formula: ln(k) ~ MI + ln(duration) + (1 | Contributor) 
AICc:1639 Marginal R2:  0.10 
Parameter Estimate Std Error t value P value 
Intercept 0.974 0.715 1.36 0.17 
MI 0.155 0.052 2.98 <0.01 
ln(duration) -0.345 0.112 -3.08 <0.01 
 
Formula: ln(k) ~ MAT * ln(MAP) * MI + ln(duration) + (1 | Contributor) 
AICc: 1599 Marginal R2:  0.27 
Parameter Estimate Std Error t value P value 
Intercept -1.26 1.406 -0.90 0.37 
MAT 0.001 0.081 -0.01 0.99 
ln(MAP) 0.213 0.191 0.64 0.53 
MI -1.487 1.034 -1.44 0.15 
ln(duration) -0.118 0.105 -1.12 0.27 
MAT x ln(MAP)  0.004 0.012 0.35 0.73 
MAT x MI 0.025 0.072 0.35 0.73 
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ln(MAP) x MI 0.175 0.134 1.31 0.19 
MAT * ln(MAP) * 
MI 
-0.002 0.009 -0.26 0.80 
 
Formula: ln(k) ~ MAT * ln(MAP) + MI + ln(duration) + (1 | Contributor) 
AICc: 1578  Marginal R2:  0.24  
Parameter Estimate Std Error t value P value 
Intercept -1.536 1.084 -1.42 0.16 
MAT -0.014 0.047 -0.30 0.76 
Ln(MAP) 0.119 0.140 0.85 0.40 
MI -0.039 0.070 -0.55 0.58 
ln(duration) -0.121 0.104 -1.16 0.25 
MAT x ln(MAP)  0.009 0.007 1.25 0.21 
 
Formula: ln(k) ~ MAT + ln(MAP) * MI + ln(duration) + (1 | Contributor) 
AICc:1572  Marginal R2: 0.26 
Parameter Estimate Std Error t value P value 
Intercept -1.833 0.913 -2.01 0.05 
MAT 0.039 0.007 5.74 <0.001 
ln(MAP) 0.195 0.101 1.93 0.05 
MI -1.335 0.738 -1.81 0.07 
ln(duration) -0.117 0.104 -1.12 0.26 
ln(MAP) x MI 0.165 0.094 1.76 0.08 
 
Formula: ln(k) ~ MAT *MI + ln(MAP) + ln(duration) + (1 | Contributor) 
AICc: 1578 Marginal R2:  0.25 
Parameter Estimate Std Error t value P value 
Intercept -2.068 0.887 -2.33 0.02 
ln(MAP) 0.220 0.098 2.23 0.03 
MAT 0.033 0.009 3.48 <0.001 
MI -0.145 0.095 -1.52 0.13 
ln(duration) -0.123 0.105 -1.18 0.24 
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MI x ln(MAP) 0.009 0.006 1.62 0.11 
 
Formula: ln(k) ~ MAT + MI + ln(MAP) + ln(duration) + (1 | Contributor) 
AICc: 1569 Marginal R2:  0.24 
Parameter Estimate Std Error t value P value 
Intercept -2.35 0.865 -2.72 <0.01 
ln(MAP) 0.245 0.097 2.53 0.01 
MI -0.040 0.070 -0.57 0.57 
MAT 0.044 0.006 7.31 <0.001 
ln(duration) -0.123 0.104 -1.18 0.24 
 
Formula: ln(k) ~ln(MAP) * MI + ln(duration) + (1 | Contributor) 
AICc: 1593 Marginal R2:  0.24 
Parameter Estimate Std Error t value P value 
Intercept -1.250 0.956 -1.31 0.19 
ln(MAP) 0.335 0.102 3.27 0.001 
MI -3.361 0.682 -4.93 <0.001 
MI x ln(MAP) 0.413 0.087 4.74 <0.001 
ln(duration) -0.235 0.110 -2.15 0.03 
 
Formula: ln(k) ~MAT * MI + ln(duration) + (1 | Contributor) 
AICc: 1577 Marginal R2:  0.24 
Parameter Estimate Std Error t value P value 
Intercept -0.822 0.688 --1.19 0.23 
MAT 0.036 0.009 3.82 <0.001 
MI -0.057 0.087 -0.66 0.51 
ln(duration) -0.113 0.104 -1.08 0.28 
MI x MAT 0.011 0.006 2.01 0.05 
 
Formula: ln(k) ~MAT * ln(MAP) + ln(duration) + (1 | Contributor) 
AICc: 1573 Marginal R2:  0.24 
Parameter Estimate Std Error t value P value 
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Intercept -1.332 1.017 -1.31 0.19 
MAT -0.014 0.047 -0.30 0.77 
ln(MAP) 0.079 0.120 0.66 0.51 
ln(duration) -0.120 0.104 -1.16 0.25 
MI x ln(MAP) 0.009 0.007 1.26 0.21 
 
Formula: ln(k) ~MAT + ln(MAP) + ln(duration) + (1 | Contributor) 
AICc: 1565 Marginal R2:  0.24 
Parameter Estimate Std Error t value P value 
Intercept -2.147 0.786 -2.73 <0.01 
MAT -0.045 0.006 7.59 <0.001 
ln(MAP) 0.205 0.067 3.04 <0.01 
ln(duration) -0.122 0.103 -1.18 0.24 
 
Formula: ln(k) ~MAT + MI + ln(duration) + (1 | Contributor) 
AICc: 1572 Marginal R2:  0.23 
Parameter Estimate Std Error t value P value 
Intercept -1.000 0.675 -1.48 0.14 
MAT 0.051 0.006 9.12 <0.001 
MI 0.087 0.049 1.77 0.08 
ln(duration) -0.111 0.103 -1.08 0.28 
 
Formula: log(k) ~ln(MAP) + MI + ln(duration) + (1 | Contributor) 
AICc: 1610 Marginal R2:  0.16 
Parameter Estimate Std Error t value P value 
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Intercept -2.605 0.940 -2.77 <0.01 
ln(MAP) 0.551 0.094 5.86 <0.001 
MI 0.152 0.073 -2.08 0.04 




Appendix 1.4: Correlations among predictor variables.  
Pearson correlation coefficients among mean annual temperature (MAT), mean annual 
precipitation (MAP), and initial fine-root chemistry in our complete dataset. Values in 
bold represent significance at P ≤ 0.05. 
 MAT MAP N P Ca Lignin 
MAT 1 0.59 -0.16 -0.36 -0.24 -0.03 
MAP 0.59 1 -0.04 -0.33 -0.24 0.17 
N -0.16 -0.04 1 0.58 0.58 -0.05 
P -0.36 -0.33 0.58 1 0.56 -0.21 
Ca -0.24 -0.24 0.58 0.56 1 -0.21 





Appendix S1.5: Standardized slopes of carbon:nutrient ratios 
Within sites, fine-root decomposition rates were consistently negatively correlated with 
the ratios of lignin:N, C:N, and C:P. There was no consistent relationship between 
lignin:P and the of fine-root decomposition rate; however, the sample size was limited 
because there were few studies reporting both lignin and P. Plot depicts the mean of the 
standardized coefficient (slope) among studies containing at least 5 observations. Error 










Appendix S1.6: Comparison of models and datasets 
Table S1.6a: Natural log response ratios comparing the effects of various plant 
functional groups on fine-root decomposition rates (k-values). Ratios are shown for 
two different linear mixed-effects models, run on both the complete and conservative 
datasets described in Appendix 1, with results arranged from left to right corresponding 
to the least to the most conservative. Random intercept models contain a single random 
effect (intercept) for the effect of each study on mean the k-value. Random intercept and 
coefficient models contain an additional random effect (coefficient) that assumes that the 
magnitude of differences among categories (e.g. woody vs. herbaceous) varies randomly 
across studies. The ln response ratios were calculated as the difference among groups in 
ln-transformed k-values with 95% confidence intervals shown in parentheses. Asterisks 
signify statistical significance, with * denoting P ≤ 0.05, ** denoting ≤ 0.01, and *** 
denoting P ≤ 0.001. 
  Random intercept only Random intercept and coefficient 









(relative to  
herbaceous plants) 
Woody  -0.59 (0.16)*** -0.58 (0.24)*** -0.45 (0.30)** -0.39 (0.34)* 
Growth form 
(relative to woody 
broadleaf plants) 
Conifer -0.25 (0.14)*** -0.52 (0.23)*** -0.16 (0.18) -0.24 (0.32) 
Graminoid 0.39 (0.15)*** 0.34 (0.26)** 0.24 (0.30) 0.18 (0.28) 
Forb 1.29 (0.27)*** 0.77 (0.52)** 0.92 (0.42)*** 0.62 (0.54)* 
Mycotype 
(relative to AM;  
woody species only) 
EcM -0.38 (0.14)*** -0.61 (0.24)*** -0.29 (0.20)** -0.47 (0.36)* 
ErM -0.80 (0.35)*** -0.78 (0.78)* -0.72 (0.52)* -0.71 (1.04) 
Life cycle 
(relative to annuals; 
herbaceous plants only) 
Perrenial -0.49 (0.48)* -0.38 (0.40) -0.20 (1.10) -0.22 (0.96) 
Leaf habit 
(relative to deciduous; 
woody plants only) 








Table S1.6b: Mean k-values by functional group. Means are shown for the complete 
and a conservative dataset as shown in Table S2, with 95% confidence intervals given in 
parentheses. Note that because these are the means from the raw dataset, not the mixed-
model results presented in Table S1.6a, the mean k-value for graminoids is lower than for 
broadleaf plants.  





0.83  (0.13) 
1.27  (0.28) 
1.23  (0.25) 
1.33 (0.40) 




2.66  (0.82) 
0.80  (0.23) 
1.05  (0.18) 
0.37  (0.06) 
3.70  (1.28) 
0.67  (0.16) 
1.64  (0.32) 
0.29  (0.07) 
Mycotype 




1.54  (0.28) 
0.93  (0.06) 
0.17  (0.12) 
2.18  (0.44) 
0.32  (0.06) 
0.44  (0.46) 
Life cycle Annual 
Perennial 
2.11  (0.81) 
1.07  (0.32) 
2.88  (1.14) 
1.01  (0.38) 
Leaf lifespan 
(Woody species only) 
Deciduous 
Evergreen 
1.40  (0.28) 
0.42  (0.06) 
2.33  (0.49) 





Appendix S1.7: Fine root chemistry by functional group 
Figure S1.7a: Mean root chemical traits by growth form. Groups not sharing a letter 











Figure S1.7b: Mean root chemical traits by mycorrhizal type. Groups not sharing a letter 






Figure S1.7c: Mean root chemical traits by woodiness. Groups not sharing a letter differ 


















Wavenumber, bond, chemical functional group, and fungal compound assignments for 





group Associated fungal compounds 
840 C-H Aromatic Melanin 
920 C-H Alkene Pigments; lipids 
1080 C-O Alcohol 
Polysaccharides (α-glucan; β-glucan;  Chitin; 
Glycogen) 
1160 C-O Alcohol 
Polysaccharides (α-glucan; β-glucan; Chitin; 
Glycogen) 
1234 C-O Aromatic Melanin 
1550 N-H Amide Proteins 
1650 C=O Amide Proteins 
2850 C-H Aliphatic Lipids 





Appendix S2.2  
Pearson correlation coefficients representing the relationship between variables. Numbers 
in bold represent relationships significant at P<0.05. 
  





































A 1.00 -0.25 -0.29 -0.02 0.05 0.54 0.23 -0.13 0.16 -0.21 -0.02 0.18 0.13 0.35 0.02 -0.07 0.33 0.35 0.47 
K  1.00 0.75 -0.59 -0.44 -0.34 0.06 0.44 -0.10 0.23 -0.11 -0.40 -0.69 -0.16 0.45 0.47 -0.16 -0.20 -0.07 
Cell 
solubles   1.00 -0.67 -0.79 -0.34 0.05 0.14 
 
0.09 0.44 0.06 -0.23 -0.63 -0.17 0.26 0.22 -0.27 -0.22 0.10 
Acid 
Detergen
t    1.00 0.42 -0.24 -0.35 -0.18 
 
0 
-0.21 0.16 0.34 0.42 -0.16 -0.33 -0.28 -0.13 -0.20 -0.43 
Acid Hyd.    1.00 -0.05 -0.16 -0.11 
 
-0.03 -0.44 -0.15 0.18 0.45 -0.05 -0.24 -0.22 0.15 -0.01 -0.12 
Acid 
Non-hyd.      1.00 0.47 0.05 
 
-0.15 -0.14 -0.13 -0.12 0.27 0.57 0.13 0.11 0.50 0.65 0.41 
%C       1.00 0.24 -0.18 -0.41 -0.53 -0.58 -0.18 0.56 0.21 0.27 0.72 0.78 0.40 
%N        1.00 -0.82 -0.13 -0.32 -0.70 -0.28 0.33 0.80 0.83 0.37 0.34 -0.17 
C:N         1.00 0.31 0.30 0.51 0.07 -0.21 -0.48 -0.54 -0.46 -0.41 0.23 
840 
Aromatic         
 
1.00 0.54 0.31 0.08 -0.19 0.03 -0.03 -0.73 -0.51 0.07 
920 
Alkene         
 
 1.00 0.78 0.32 -0.21 -0.35 -0.37 -0.44 -0.32 -0.09 
1080 
Alcohol         
 
  1.00 0.50 -0.33 -0.69 -0.73 -0.45 -0.42 0.01 
1160 
Alcohol         
 
   1.00 0.28 -0.30 -0.24 -0.02 0.09 0.02 
1234 
Ester         
 
    1.00 0.52 0.52 0.62 0.76 0.37 
1550 
Amide         
 
     1.00 0.95 0.29 0.32 -0.03 
1650 
Amide         
 
      1.00 0.31 0.36 -0.10 
2850 
Aliphatic         
 
       1.00 0.93 0.30 
2924 
Aliphatic         
 
        1.00 0.39 







Comparisons of the exponential decomposition rate (k), and size of the recalcitrant fraction 
(A) by tissue type (spore-containing vs spore-free), trophic mode, and taxonomic order. 
Groups sharing a letter do not differ significantly at p<0.05. Trophic mode does not have 
a clear effect on k (F2,25=2.08, P=0.15) or A (F2,25=0.78, P=0.45). Similarly, we do not 
detect a difference between spore-containing and spore-free substrates in either k 
(F2,25=0.11, P=0.74) or A (F2,25=0.33, P=0.57). The size of the A-value differs among 
taxonomic orders (F2,25=7.28, P<0.001), with members of the order Polyporales having a 
smaller-sized slow pool than members of Agaricales, Boletales, and Russulales. Camarops 
petersii, the sole member of the order Boliniales in this dataset, has the largest A-value of 
any sample. There are relatively weak differences in k-values across taxonomic orders 










Appendix S2.4  
Final models predicting the exponential decomposition rate (k), and recalcitrant fraction 
(A) of fungal necromass based on initial substrate chemistry. Models were selected using 




lm(formula = A ~ Melanin + Acid.NonHyd, data = data3) 
 
Residuals: 
      Min        1Q    Median        3Q       Max  
-0.091829 -0.036088  0.003349  0.026345  0.106176  
 
Coefficients: 
               Estimate Std. Error t value Pr(>|t|)     
(Intercept)    0.137757   0.018071   7.623  5.6e-08 *** 
Melanin        0.005608   0.003226   1.739   0.0944 .   
Acid.NonHyd 0.005476   0.002304   2.377   0.0254 *   
--- 
Signif. codes:  0 ‘***’ 0.001 ‘**’ 0.01 ‘*’ 0.05 ‘.’ 0.1 ‘ ’ 1 
 
Residual standard error: 0.05118 on 25 degrees of freedom 
Multiple R-squared:  0.3654, Adjusted R-squared:  0.3147  
F-statistic: 7.198 on 2 and 25 DF,  p-value: 0.003397 
 
Call: 
lm(formula = data4$K ~ data4$Cell.solubles + data4$X.N) 
 
Residuals: 
      Min        1Q    Median        3Q       Max  
-0.066042 -0.030200  0.006635  0.020539  0.061812  
 
Coefficients: 
                          Estimate Std. Error t value Pr(>|t|)     
(Intercept)             -0.1417386  0.0415566  -3.411  0.00221 **  
data4$Cell.solubles      0.0042938  0.0007082   6.063 2.46e-06 *** 
data4$X.N                0.0088844  0.0030226   2.939  0.00698 **  
--- 
Signif. codes:  0 ‘***’ 0.001 ‘**’ 0.01 ‘*’ 0.05 ‘.’ 0.1 ‘ ’ 1 
 
Residual standard error: 0.03395 on 25 degrees of freedom 
Multiple R-squared:  0.6719, Adjusted R-squared:  0.6457  






Regressions predicting the size of the slowly decomposing necromass pool (A) based on 
initial substrate melanin concentrations and acid non-hydrolysable fractions. Regressions 
were calculated using the subsets of the upper and lower half of the predictor variable 








Appendix S2.6  
Left: simple linear regressions predicting FTIR wavenumber 2924 cm-1 (aliphatic bonds) 
using the acid non-hydrolysable fraction and melanin content as predictor variables for 28 
types of fungal necromass. Right: slopes are not statistically significant when the same 









Appendix S2.7 (a) The proportion of initial N as a function of initial mass remaining for 
five substrates of decomposing fungal necromass. (b) The maximum initial N remaining 













Appendix S2.8 Chemical fractions for 28 fungal necromass residues. All fractions are 


























Boletus campestris stipe 71.4 13.5 13.9 0.8 44.1 1 44 4.8 
Boletus 
pseudosensibilis stipe 63.6 18.6 16.1 1.5 43.9 6.5 7 6.2 
Boletus 
pseudosensibilis cap 71 17.2 9.9 1.5 45.8 7.9 6 6.2 
Camarops petersii sporocarp 48.2 11.8 15.6 24.2 49.4 3.2 16 13.8 
Chlorophyllum  
molybdites cap 62.5 16.1 18.4 2.7 43.9 9.6 5 3.9 
Chlorophyllum 
molybdites stipe 58.2 17.5 22.2 1.8 43.1 7 6 4.7 
Gomphidius 
glutinosus stipe 52.6 16.3 29.3 1.3 41.5 1.7 24 10.8 
Grifola frondosa sporocarp 58.5 17.5 22.1 1.6 44.1 3.2 14 0.5 
Hygrocybe punicea  stipe 65.6 19.4 13 1.6 41.7 3.6 12 3.4 
Hygrophorus 
paludosoides stipe 68.1 19.2 11.1 1.2 42.4 1.9 22 9.7 
Laccaria spp. stipe 57.7 20.8 13 8.1 40.6 2.2 19 3.4 
Lactarius 
chelodonius  stipe 55.5 24.9 18.5 0.7 43.0 2.7 16 4.4 
Lactarius 
chelodonius  cap 55.9 20 19.3 4.5 44.2 4 11 4.9 
Lactarius 
vinaceorufescens stipe 34.4 30.5 30.2 4.6 42.0 2.2 19 1.7 
Laetiporus 
sulphureus sporocarp 45.9 28.1 25.2 0.4 43.7 3.5 12 3.5 
Leccinum spp. stipe 64.3 14 20.9 0.4 41.7 1.5 28 7.9 
Macrolepiota 
procera stipe 61.3 14.3 17.6 6.6 42.3 4.5 9 3.3 
Macrolepiota 
procera cap 57.8 18.3 20 3.6 44.0 6.6 7 1.3 
Polyporus 
squamosus sporocarp 60 20.1 17.3 2.4 43.9 5.3 8 2.4 
Rhizopogon 
ochraceorubens sporocarp 55.4 16.2 26.7 1.3 45.0 2.9 16 4.5 
Russula spp. stipe 53.2 27.4 18.3 0.7 43.1 3.2 13 0.6 
Russula spp. cap 50 25.2 23.7 0.7 44.3 3.7 12 2.5 
Scleroderma spp. sporocarp 41.2 22.9 28 7.5 44.8 5 9 8.6 
Suillus grisellus stipe 52.7 25.4 20.4 1.2 44.7 1.4 33 9.4 
Suillus spectabilis stipe 69 18.6 11.6 0.4 43.8 1.7 25 5.3 
Suillus spectabilis cap 76.7 9.4 12.9 0.7 46.9 3.9 12 8.8 
Suillus viscidus stipe 58.4 20.8 19.6 0.8 43.2 2.1 21 7.1 





Methods of and summarized data for calculations of hyphal length density estimates 
Literature search and data inclusion criteria: 
On January 25, 2021 we conducted literature searches using Web of Science and Google 
Scholar using the following search terms: "hypha* length density", "arbuscular 
mycorrhiza* length", "AMF length", "ectomycorrhiza length", "ECM length". From this, 
we included all field-based studies (i.e. excluded greenhouse or potted plant studies) that 
reported quantitative measurements of hyphal length density (HLD) per unit of soil mass 
or volume. Mass-based estimates were converted to volume using bulk density estimates 
when reported in the paper. When bulk density was not reported, we used site specific 
estimates from other papers, and if none were available, used an assumed density of 1.33. 
We further excluded measurements not taken in the top 30 cm of soil, and measurements 
that were explicitly collected to soil adhering to roots (i.e. rhizosphere soil). This resulted 
in 197 observations. We averaged all within-site observations (e.g. across depths, plots, 
seasons) resulting in 41site level-means across 40 published studies. We differentiated 
between studies which exclusively quantified AM hyphae, and those which quantified all 
hyphae present. We further classified the systems into woody (forest, shrubland), non-
woody (grasslands/rangelands) and croplands. A summary of site-level means is 
presented in the table below.  


















Bardgett et al. 1993.       61809 
Camenzind and Rillig 
2013  330     
Chen et al. 2018   1296    
Chen et al. 2014   213    
Curaqueo et al. 2010 633      
Faghihinia et. al 2020   584    
Gryndler et al. 2006.  110      
Li et al. 2015   337    
Li et al. 2017 147      
Liu et al. 2006     1800   
    1650  
Liu et al. 2014 224       
493      
Miller et al. 1995    11100     
  8100    
130 
 
Nilsson and Rulcker 1992      71250  
Querejeta et al. 2007     13600   
     3850 
Ren et al. 2018   519    
Soderstrom 1978     857500  
Stahl and Parkin 1996      6400  
     23900  
    8300   
    9800   
   2000    
   3100    
   4800   
Tian et al. 2011 172      
Wang et al. 2012  106     
Wang et al. 2015  128     
Wang et al. 2018   754    
Wang et al. 2011  619     
Xiang et al. 2014   353     
265      
Yang  et al. 2017  9113     
Zhang et al. 2016a   1476     
  1488     
  776     
  551     
  524    
Zhang et al. 2016b   1530    
       
 Mean 




19613 394865 317878 141067 
3183314
9 2674163 
*Estimates of total hyphae in woody systems are from ingrowth cores which predominantly 
measure ectomycorrhizal fungi. These systematically underestimate total hyphal length density 








Appendix S3.2  
Global estimates of fine root turnover from the Fine Root Ecology Database (FRED) 
classified by growth form according to the TRY plant trait database (mean ± s.d.). 
 
Woody species Non-woody species 
Growth Form Turnover (yr-1) Growth Form Turnover (yr-1) 
shrub 0.93 ± 1.13 graminoid 0.61 ± 0.54 
shrub/tree 2.16 ± 1.46 herb 0.26 ± 0.16 
tree 0.81 ± 1.19   
    
mean 0.89 ± 1.23 mean 0.58 ± 0.52 
Mean across all species = 0.82 ± 1.11 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
